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Abstract 

Membrane contact sites are specialized regions where organelle membranes are in close proximity, enabling lipid 
transfer while preserving membrane identity. In plants, ER‒chloroplast contact sites are critical for maintaining 
glycerolipid homeostasis. This review examines the lipid-modifying and lipid-transfer proteins/complexes involved 
in these processes. Key proteins at these sites, including components of the TGD and VAP27‒ORP2A complexes, 
as well as Sec14 proteins, facilitate lipid exchange. Additionally, the roles of lipid-modifying proteins at these contact 
sites are discussed. Despite significant progress, further research is needed to identify additional proteins, investigate 
ER‒chloroplast dynamics under stress and explore ER contact sites in non-chloroplast plastids.
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Introduction
Membrane contact sites
Membrane contact sites are specialized regions where 
the membranes of different organelles come into close 
proximity, typically 10–80 nm apart. In some cases, 
certain proteins can span larger distances, reaching up 
to 300 nm [1], acting as physical bridges that connect 
opposing organelle membranes and mediate shared cel-
lular functions, such as lipid transfer or stress responses. 
Despite their proximity, opposing membranes at mem-
brane contact sites do not fuse, allowing each organelle 
to maintain its distinct identity while facilitating the 
communication and exchange of molecules. The key fea-
tures of membrane contact sites include (1) the absence 
of membrane fusion between the interacting organelles, 

(2) the presence of tethering forces resulting from pro-
tein‒protein or protein‒lipid interactions, (3) the accu-
mulation of specific proteins and lipids at these junctions 
and (4) the facilitation of essential functions, such as 
the bidirectional transport of molecules (e.g. lipids), sig-
nal transduction and positioning of certain enzymes 
for cross-membrane activity [2]. Common examples of 
membrane contact sites are those formed between the 
endoplasmic reticulum (ER) and the plasma membrane, 
mitochondria, the Golgi apparatus or chloroplasts.

In plants, membrane contact sites play crucial roles in 
development and stress responses, often mediating cal-
cium ion exchange between organelles. Under abiotic 
and biotic stress conditions, membrane contact sites are 
known to modulate signalling pathways and facilitate 
efficient metabolite and lipid exchange between orga-
nelles, enabling plants to adjust their metabolic processes 
in response to external stimuli. Recent reviews have 
summarized our understanding of membrane contact 
sites [2–6]; however, these reviews are largely focused 
on animal systems and do not address ER–plastid con-
tact sites, which is the focus of this review. A growing 
body of research highlights the importance of ER–plas-
tid interactions in regulating lipid metabolism in plants, 
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underscoring the need for further studies to fully eluci-
date the functional significance of these contact sites in 
plant biology.

The endoplasmic reticulum as a hub for organelle 
connectivity
The ER is an organelle with a vast membrane surface [7], 
and its structure and functions have been extensively 
reviewed [8–12]. The ER consists of distinct structural 
domains that are interconnected and continuous, includ-
ing the outer nuclear envelope, sheet-like cisternae and a 
polygonal array of tubules connected by three-way junc-
tions. Peripheral ER sheets are typically studded with 
ribosomes and are traditionally classified as “rough” ER, 
which is associated with protein biosynthesis. In contrast, 
the tubules are composed of high-degree curved surfaces, 
spread throughout the cytosol and contain fewer ribo-
somes and are thus classified as “smooth” ER. Smooth 
ER interacts with other cellular organelles [7, 13, 14] and 
is usually associated with lipid synthesis. However, rear-
rangements in ER morphology are highly dynamic, with 
cisternae having the ability to rapidly convert into tubules 
and vice versa [12, 15, 16].

Specialized, high-curvature discrete ER regions form 
membrane contact sites with other organelles, including 
the plasma membrane, the Golgi apparatus, endosomes, 
mitochondria and chloroplasts [11]. Membrane curva-
ture is a key physical property that influences both the 
formation and function of these contact sites. High cur-
vature promotes organelle proximity and directly impacts 
biochemical processes at membrane contact sites. For 
example, curved membranes can facilitate the extrac-
tion or insertion of lipid molecules into the bilayer, mak-
ing them particularly suitable for lipid transfer functions. 
Differences in membrane curvature between membrane 
contact sites and general ER regions have been previ-
ously reviewed [17]. The ratio of sheets to high-curvature 
tubules in the ER is regulated by curvature-inducing and 
curvature-stabilizing proteins, such as Reticulon, Luna-
park and Atlastin family members [8, 9, 18]. These pro-
teins shape the ER through distinct structural features 
and mechanisms. Reticulons, for example, contain a con-
served reticulon homology domain (RHD) composed of 
two transmembrane helices flanking a hydrophilic loop, 
creating a wedge-like topology within the membrane. 
This configuration, along with their ability to oligomer-
ize, promotes local membrane curvature. The generation, 
sensing and maintenance of high local ER membrane 
curvature is an active, tightly regulated process that is 
essential for the formation and function of many mem-
brane contact sites and involves a diverse array of pro-
teins and mechanisms [8, 10, 11, 17].

Plastid structure and functional diversity
Plastids are dynamic organelles surrounded by two enve-
lope membranes that contain their own DNA. They can 
differentiate into various types, such as chloroplasts, 
chromoplasts or leucoplasts, each serving distinct func-
tions in processes such as photosynthesis, pigment stor-
age and starch synthesis. Among these, chloroplasts are 
the most studied owing to their critical role in photo-
synthesis, converting light energy into chemical energy 
[19], and in acting as hubs for signalling and metabolic 
pathways. Chloroplasts are essential for the biosynthesis 
of many important compounds, such as starch [20], aro-
matic amino acids [21], phytohormones [22], isoprenoids 
[23] and lipids such as fatty acids and galactolipids [24].

Structurally, chloroplasts are composed of three 
membrane systems [25]: the outer envelope membrane 
(OEM), the inner envelope membrane (IEM) and the 
thylakoid membranes, where the components of the 
photosynthetic electron transport chain reside [26]. Thy-
lakoids are organized into stacked structures known as 
grana, which are interconnected by stroma lamellae [27], 
whereas the space surrounding the thylakoids is referred 
to as the stroma.

Plastids can also form stromules (stroma-filled tubules), 
which are thin, dynamic, tubular extensions that are typi-
cally less than 1  µm in diameter and are found in vari-
ous plastid types, including chloroplasts. Stromules are 
enclosed by the OEM and the IEM [28], and they were 
proposed to form due to changes in the protein-to-lipid 
ratio in the OEM [29]. Although their exact functions 
remain under study, stromules are thought to increase 
plastid surface area, potentially facilitating interorga-
nelle communication and acting as conduits for molecu-
lar exchange. Moreover, stromules play roles in cellular 
stress responses, pathogen defence and the autophagic 
degradation of plastid components [30–33].

ER–plastid contacts are now emerging as important 
yet poorly characterized structures in plant cells. In this 
review, we highlight recent advances in the study of ER–
plastid contact sites, particularly in the context of lipid 
metabolism, and discuss their potential roles in plant 
development or stress adaptation.

Discovery of ER‒chloroplast contact sites: 
from early observations to modern insights
The relationship between the ER and chloroplasts was 
first described in the 1960 s. The evidence of this inter-
action is scattered throughout the literature, where it 
was initially referred to as an “association”, “connection” 
or “continuity”, and was reviewed by Sarah P. Gibbs in 
1981 [34]. Here, we highlight key studies and provide a 
historical overview of how ER‒chloroplast contact sites 
have been investigated.
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The first observation of a “unique” relationship 
between the ER and chloroplasts was made by Gibbs 
[35], who used electron microscopy to study several 
algal species from the Cryptophyceae class. In the fol-
lowing years, independent studies consistently revealed 
that the ER closely envelops plastids in various species, 
including the yellow‒green alga Xanthophyceae [36], 
and in plants such as Acer and Pinus [37]. In 1965, G 
Benjamin Bouck coined the term “chloroplast ER” [38], 
establishing the connection between the plastid, the 
peripheral ER and the nuclear envelope [39]. These 
findings were further supported by other observations 
in Dryopteris borreri [40], Pteris [41], phloem cells of 
Tozzia alpina scale leaves [42], green algae [43] and 
embryonic pea cells [44].

Although the association between chloroplasts and 
the ER was previously reported, membrane continu-
ity between these organelles was first demonstrated by 
Diers (1966) through microdissections of developing 
eggs of the liverwort Sphaerocarpos donnellii [45]. Sub-
sequent studies confirmed the close association of these 
two organelles using rapid freezing and freeze-fracturing 
techniques in the green alga Chara globularis, the lower 
vascular plant Equisetum telmateia [43] and the angio-
sperm Phaseolus vulgaris [46].

Nearly a decade later, the first confocal images showing 
the ER surrounding chloroplasts in tobacco leaf cells were 
published, although this relationship was not explicitly 
highlighted [47]. A significant advancement came when 
Andersson et  al. [48] employed laser optical manipula-
tion combined with confocal microscopy and biochemi-
cal studies to isolate chloroplasts. They reported that the 
ER remained attached to chloroplasts post-isolation and 
named these ER membranes “plastid-associated mem-
branes” (PLAMs). They reported that these membranes 
could not be detached from chloroplasts using forces up 
to 400 pN, suggesting the involvement of protein‒pro-
tein interactions. Nevertheless, this association could be 
disrupted by lowering the pH or treating with trypsin. 
The lipid and protein compositions of the PLAMs were 
found to be distinct from those of the OEM and the ER, 
as the PLAMs were characterized by a low galactolipid 
content, the presence of phosphatidylethanolamine (PE) 
and reduced sterol and glycosylceramide levels, distin-
guishing PLAMs from the lipid composition of the ER. 
Later studies using laser stimulation techniques further 
demonstrated the presence of membrane contact sites 
at what the author termed the “chloroplast/endoplasmic 
reticulum nexus” [49]. Recently, bimolecular fluorescence 
complementation coupled with confocal microscopy has 
been used to successfully visualize ER‒chloroplast con-
tact sites [50, 51].

Additional evidence for ER–plastid associations came 
from studies on plastid stromules and their alignment 
with ER tubules. Stromules and ER tubules have also been 
observed to move in a coordinated manner [31, 52, 53]. 
In a recent study, the interplay between plastid behaviour 
and ER dynamics was examined, with a particular focus 
on the role of membrane contact sites linking these orga-
nelles [54]. Time-lapse imaging and fluorescence-tagged 
proteins suggested that transient membrane contact sites 
between the plastid envelope and the ER facilitate this 
coordinated movement [54]. However, because both ER 
and stromule dynamics and morphology are influenced 
by the cytoskeleton, further investigations, including 
investigations of this third player, are essential to fully 
understand the nature and function of these ER‒chloro-
plast contact sites.

Finally, evidence of metabolic continuity between 
chloroplasts and the ER was first demonstrated through 
transorganellar complementation studies. In these stud-
ies, mutations in plastid-resident enzymes involved 
in tocopherol and carotenoid biosynthesis were com-
plemented by ER-targeted versions of these enzymes, 
demonstrating the functionality of ER‒chloroplast asso-
ciations [55, 56]. Notably, both chloroplasts and the ER 
contribute to the synthesis of key lipids through biosyn-
thetic pathways that encompass distinct, non-overlap-
ping steps in each organelle [57], and several proteins 
have been identified at ER‒plastid contact sites, includ-
ing some involved in lipid metabolism, which are sum-
marized in the next section.

In addition to chloroplasts, plant cells can contain 
other types of plastids, including proplastids, amyloplasts 
and chromoplasts. The unique characteristics of each 
plastid type are closely linked to their specific functions 
[58]. To date, membrane contact sites between the ER 
and other plastids have not been studied. However, given 
the dynamic nature of plastids and their capacity to inter-
convert in response to developmental and environmental 
cues, it is reasonable to hypothesize the existence of such 
structures in plastids beyond chloroplasts, with future 
research likely providing further insights.

Lipid and protein composition of chloroplast 
membranes
The protein and lipid compositions of chloroplast mem-
branes are unique and share similarities with those of 
cyanobacteria [59]. Under normal physiological condi-
tions, chloroplast membranes are typically enriched in 
galactolipids and low in phospholipids, whereas other 
lipid types, such as sphingolipids and sterols, are either 
present in minimal amounts or nearly absent in some 
chloroplastic membranes. Galactolipids are a type of 
glycerolipid characterized by the presence of one or more 
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galactose molecules linked to diacylglycerol (DAG) by a 
glycosidic bond. Monogalactosyldiacylglycerol (MGDG) 
and digalactosyldiacylglycerol (DGDG) can constitute up 
to 75% of total chloroplast membrane lipids [60]. Addi-
tionally, chloroplast membranes contain sulfoquinovo-
syldiacylglycerol (SQDG), phosphatidylglycerol (PG) 
and phosphatidylcholine (PC), albeit in relatively small 
amounts (Table  1). However, lipid composition varies 
among different chloroplast membranes. The OEM is 
particularly enriched in DGDG and PC, whereas MGDG 
is predominant in the IEM and thylakoids. The IEM and 
thylakoid membranes share similar lipid profiles and are 
composed primarily of MGDG, DGDG, SQDG and PG, 
with PG being the only phospholipid (Table 1).

Similarly, each glycerolipid exists in multiple molecular 
species whose fatty acid composition differs at the sn-1 
and sn-2 positions on glycerol, reflecting the complex-
ity of lipid biosynthetic pathways within the cell. Glyc-
erolipids are classified into two main types based on their 

fatty acid composition: plastidial-type (also referred to as 
“prokaryotic”), which contains C16 fatty acids at the sn-2 
position, and eukaryotic-type, which contains C18 fatty 
acids at this position [61, 62].

Chloroplastic MGDG and DGDG can originate from 
both eukaryotic and plastidial pathways [63], and their 
distributions vary among plant species. In many spe-
cies of higher plants, including pea (Pisum sativum), 
olive tree (Olea europaea) and corn (Zea mays), galac-
tolipids are synthesized via the eukaryotic pathway. 
These species, termed 18:3 plants, produce galactolip-
ids, which predominantly include C18:3 (α-linolenic 
acid, C18:3Δ9cis,12cis,15cis) [64–66]. In contrast, species 
such as Arabidopsis thaliana, spinach (Spinacia olera-
cea) or potato (Solanum tuberosum) utilize both path-
ways to synthetize MGDG, DGDG and SQDG. The leaf 
lipids characteristically contain significant amounts 
of C16:3 (7cis,10cis,13cis-hexadecatrienoic acid, 
C16:3Δ7cis,10cis,13cis) within MGDG and DGDG molecules 

Table 1  Major glycerolipid classes (in mol. %) of intact chloroplasts envelope membranes and thylakoids

DGDG digalactosyldiacylglycerol, MGDG monogalactosyldiacylglycerol, PC phosphatidylcholine, PE phosphatidylethanolamine, PG phosphatidylglycerol, PI 
phosphatidylinositol, SQDG sulfoquinovosyldiacylglycerol, ND not detected

Plant membrane MGDG DGDG SQDG PC PG PI PE Ref

Intact chloroplast
  Pea seedlings 46 32 7 7 6 1 ND [68]

  A. thaliana 54 21 4 12 10 ND ND [69]

Total envelope
  Vicia faba leaves 29 32 ND 30 9 ND 0 [70]

  Daffodil flowers 24 26 5 23 9 3 0 [71]

  Wheat leaves 22 43 11 14 10 - - [72]

  Helianthus annus leaves 31 26 1 29 5 1 2 [73]

  Zea mays leaves 34 24  < 0.5 30 4 1 1 [73]

  Spinach leaves 16 27 7 20 11 2 0 [74]

  Spinach leaves 38 30 7 14 9 2 0 [75]

  Spinach leaves 36 29 6 18 9 2 0 [76]

  Cauliflower buds 31 27 6 20 9 5 1 [77]

Outer envelope membrane
  Pea seedlings 6 33 3 44 6 5 1 [78]

  Spinach leaves 17 29 6 32 10 5 ND [76]

Inner envelope membrane
  Spinach leaves 49 30 5 6 8 1 ND [76]

Thylakoid
  Spinach leaves 45 26 12 - 17 - - [79]

  Vicia faba leaves 65 26 ND 3 6 ND 0 [70]

  Wheat leaves (lamellar) 42 37 9 2 10 - - [72]

  Wheat leaves (grana) 47 36 7 1 9 - - [72]

  Pea seedlings 45 31 2 10 7 2 1 [78]

  Spinach leaves 52 26 7 5 10 2 0 [76]

  Pea seedlings 46 31 7 ND 11 ND ND [80]

  A. hippocastanum leaves 43 31 5 ND 15 ND ND [80]

  Pea seedlings 51 33 9 2 5  < 0.5 ND [68]
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derived from the prokaryotic pathway. These species are 
referred to as 16:3 plants to distinguish them from 18:3 
plants. Finally, chloroplastic PG species are almost exclu-
sively of the plastidial type, with some containing a C16:1 
trans fatty acid (3-trans-hexadecenoic acid, C16:1Δ3 trans) 
at the sn-2 position [61, 67].

Compared with thylakoid membranes, chloroplast 
envelope membranes are characterized by a notably 
greater lipid-to-protein ratio. Among plant cell mem-
branes, the OEM exhibits the highest lipid-to-protein 
ratio, ranging from 2.5 to 3 mg of lipids per mg of pro-
tein [76], and contains functionally specialized regions. 
Fluorescent protein tagging in the alga Chlamydomonas 
reinhardtii has shown that many of the analysed OEM 
proteins display heterogeneous localization patterns, 
forming distinct patches and puncta [81]. As the OEM is 
thought to host proteins involved in ER‒chloroplast con-
tact sites, it is likely that some of these discrete regions 
are important for such interactions. Many of these pro-
teins are conserved across land plants, suggesting that 
certain structures are likely conserved as well, although 
this needs to be demonstrated.

Glycerolipid synthesis depends on ER‒chloroplast 
lipid trafficking
Glycerolipid biosynthesis in plants is a complex, multi-
step process involving numerous enzymatic reactions 
within both the ER and chloroplasts. This section sum-
marizes key aspects of chloroplast glycerolipid synthesis, 
as numerous comprehensive reviews have extensively 
covered all facets of the topic [24, 63, 82–87].

Fatty acid synthesis begins in the chloroplast stroma 
and is catalysed by the fatty acid synthase (FAS) multi-
enzyme complex [88], which primarily produces C16:0-
ACP (acyl carrier protein) and C18:0-ACP. However, 
a significant portion of C18:0-ACP is converted into 
C18:1Δ9cis-ACP by stearoyl-ACP Δ9-desaturase (SAD) 
[89, 90]. Some of these acyl-ACPs are subsequently 
incorporated into lipid precursors, such as phosphatidic 
acid (PA) and DAG, within the chloroplast [63] through 
the prokaryotic pathway. Additionally, thioesterases, 
such as FATA and FATB, release fatty acids from their 
acyl carrier proteins [91, 92], allowing their export from 
the chloroplast via FAX1 [93] proteins. Once exported, 
these fatty acids are activated by conversion into acyl-
CoAs via long-chain acyl-CoA synthetases (LACSs) and 
subsequently incorporated into phospholipids through 
the eukaryotic pathway within the ER, contributing to 
the formation of essential cellular membrane compo-
nents (Fig. 1).

In both the chloroplast and the ER, the assembly of 
fatty acids into PA occurs through two consecutive acyla-
tion reactions of glycerol-3-phosphate (Fig.  1). First, 

glycerol-3-phosphate acyltransferase (GPAT) catalyses 
the formation of lysophosphatidic acid (LPA), which 
is subsequently converted into PA by a lysophospha-
tidic acid acyltransferase (LPAT). The GPAT and LPAT 
enzymes in the chloroplast and ER exhibit different sub-
strate specificities, leading to the production of distinct 
PA species in each organelle [63, 94]. Additionally, plants 
can generate PA through the activity of phospholipases. 
Phospholipase D (PLD) hydrolyses PC to generate PA 
and choline, whereas phospholipase C (PLC) hydrolyses 
PC to produce DAG, which is subsequently phosphoryl-
ated by diacylglycerol kinase (DGK) to synthetize PA [95, 
96]. Radiolabelling studies have identified three metaboli-
cally distinct PC pools in plant cells: (1) PC synthesized 
de novo through the eukaryotic pathway, which serves as 
a desaturation substrate and provides PC for ER-based 
distribution; (2) a PC pool used for MGDG synthe-
sis; and (3) a more recently identified PC pool linked to 
chloroplastic lysophosphatidylcholine acyltransferases 
(LPCAT1 and LPCAT2). This latter PC pool, potentially 
located at ER‒chloroplast membrane contact sites, may 
facilitate acyl editing [97], as LPCAT enzymes catalyse 
the acylation of lysophosphatidylcholine (Lyso-PC) to 
produce PC.

Chloroplast lipids—MGDG, DGDG and SQDG—are 
synthesized within the chloroplast from DAG, which 
is mostly generated from the dephosphorylation of PA. 
Both DAG and PA are derived from de novo synthesis 
in the chloroplast or from ER-derived glycerolipids that 
are transported back to the plastid for this purpose [63, 
98–100]. Although the precise mechanisms and lipid 
classes exchanged between the ER and chloroplasts 
at membrane contact sites remain unclear, four lipids 
are the strongest candidates to shuttle between these 
organelles: PC, DAG, PA and Lyso-PC [101] (Fig. 1). In 
the chloroplast, PA is dephosphorylated by PA phos-
phatases (PAPs), generating DAG, the main substrate 
for chloroplast galactolipid synthesis. PAP enzymes are 
classified into two types: soluble phosphatidate phos-
phohydrolases (PAHs) and membrane-integrated lipid 
phosphate phosphatases (LPPs). The loss of the plastid-
ial (prokaryotic) lipid biosynthetic pathway in certain 
plant lineages (so-called 18:3 plants) correlates with the 
disappearance of PA phosphatases in multiple clades 
[102, 103]. In Arabidopsis, nine LPPs have been iden-
tified, although most are not directly involved in lipid 
metabolism [104, 105]. Among them, LPPα2 (ER-local-
ized) and LPPϵ1 (plastid-localized) are implicated in 
lipid metabolism [106], and plastidial LPPγ and LPPϵ1 
exhibit redundant activity at the OEM, contributing to 
plant development. However, none of these enzymes 
appear to play a major role in plastidial galactolipid 
biosynthesis (Fig. 2) [107]. Conversely, cytosolic PAH1 
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and PAH2, soluble Mg2+-dependent PA phosphatases, 
redundantly contribute to galactolipid synthesis and 
lipid remodelling, particularly under conditions of 
phosphate starvation [108, 109] or nitrogen deple-
tion [110]. Finally, emerging evidence suggests that the 
RHOMBOID LIKE10 (RBL10) protein may aid in con-
verting PA to DAG precursors for MGDG biosynthesis. 
These findings indicate that PA dephosphorylation in 
the plastidial pathway may partially depend on RBL10, 
although its precise biochemical activity remains 
unclear [111]. Thus, the identities of the plastidial PA 

phosphatases responsible for producing DAG within 
the chloroplast and directly involved in galactolipid 
biosynthesis remain unidentified, and it is plausible 
that a different enzyme class is responsible for plastid 
PA dephosphorylation.

Finally, MGDG synthase (MGD) transfers a galactose 
molecule from uridine diphosphate-galactose (UDP-
Gal) to DAG, forming MGDG [112, 113]. MGDG can 
undergo the addition of a second galactose molecule via 
DGDG synthase (DGD), which uses MGDG and UDP-
Gal as substrates to produce DGDG [114] (Fig. 1). In A. 

Fig. 1  Schematic representation of key reactions involved in glycerolipid synthesis in plants. Fatty acids are synthesized in the chloroplast 
stroma by the fatty acid synthase (FAS) complex, which uses acetyl-CoA to produce fatty acids conjugated with ACP. The 18:0-ACP molecules 
can be desaturated to 18:1-ACP by SAD. Acyl-ACPs (16:0, 18:0 and 18:1) are either incorporated into the prokaryotic lipid synthesis pathway 
within the chloroplast or exported for eukaryotic lipid synthesis at the ER. To participate in ER glycerolipid synthesis, these acyl-ACPs must first be 
converted into acyl-CoAs and transported to the cytosol through the sequential actions of the FAT, FAX1 and LACS enzymes. The acyl group is then 
transferred to G3P to produce LPA, which then enters the eukaryotic lipid synthesis pathway. Subsequent reactions catalysed by LPAT and PAP 
generate PA and DAG, respectively. Within the chloroplast, similar reactions occur, leading to the production of analogous lipids. Additionally, 
in the ER, glycerolipids undergo lipid remodelling, modifying their head groups, acyl chain lengths and degrees of unsaturation. This process involves 
enzymes such as LPCAT, PDAT, PLD and PLC, which generate various species of Lyso-PC, PC, PA and DAG. Some of these lipids can be transferred 
back to the chloroplast, although most of the proteins and complexes involved in this transport remain unidentified. In the chloroplast, DAG serves 
as the precursor for galactolipid synthesis, which is catalysed by MGD synthases (MGDG1/2/3) and DGD synthases (DGD1/2), generating DGDG. 
Chloroplast enzymes are shown in green; ER enzymes are shown in orange. Question marks (“?”) indicate proteins that remain to be identified

Abbreviations: ACP, acyl carrier protein; CoA, coenzyme A; DAG, diacylglycerol; DGK, diacylglycerol kinase; DGD, digalactosyldiacylglycerol 
synthases; DGDG, digalactosyldiacylglycerol; ER, endoplasmic reticulum; FAD, fatty acid desaturase; FAS, fatty acid synthase; FATA/B, fatty 
acyl-ACP thioesterase A/B; FAX1, fatty acid exporter 1; FFA, free fatty acid; G3P, glycerol 3-phopshate; Gal, galactose; GPAT, glycerol-3-phosphate 
acyltransferase; IEM, inner envelope membrane; LACS, long-chain acyl-CoA synthetase; LPA, lysophosphatidic acid; LPAT, lysophosphatidic acid 
acyltransferase; LPCAT, lysophosphatidylcholine acyltransferase; Lyso-PC, lysophosphatidylcholine; MGD, monogalactosyldiacylglycerol synthases; 
MGDG, monogalactosyldiacylglycerol; OEM, outer envelope membrane; P, phosphate, PA, phosphatidic acid; PAP, phosphatidic acid phosphatase; 
PC, phosphatidylcholine; PDAT, phospholipid: diacylglycerol acyltransferase 1; PLC/D, phospholipase C/D; SAD, stearoyl-acyl carrier protein Δ9 
desaturase; TAG, triacylglycerol; UDP-Gal, uridine diphosphate-galactose
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Fig. 2  A Proteins involved in lipid metabolism at ER–plastid contact sites. (I) BnCLIP is a putative lipase and was the first protein to be identified 
at ER‒chloroplast contact sites. (II) LACS proteins activate fatty acids into acyl-CoAs. (III) LPCATs are involved in lipid remodelling, catalysing 
the reacylation of lyso-PC into PC by incorporating an acyl group from the acyl-CoA pool while also facilitating the reverse reaction, generating 
lyso-PC from PC. (IV) The trigalactosyldiacylglycerol (TGD) complex is essential for PA transport between the OEM and IEM of the chloroplast 
and may also mediate DAG transport. LPTD1 has been proposed to work in conjunction with TGD4. (V) Lipid droplets originate from the ER 
and primarily store TAG. Growing evidence suggests an interplay between the ER and chloroplasts in lipid droplet development. (VI) ALA10 is a lipid 
flippase anchored to the ER. When associated with the chaperone ALIS5, ALA10 localizes near chloroplasts, where it may facilitate the transfer 
of PC to chloroplasts by creating a localized enrichment of PC on the cytosolic leaflet of the ER membrane. (VII) The VAP27-ORP2A complex 
may be involved in regulating sterol transport at ER‒chloroplast contact sites. (VIII) SFH5 and SFH7 are soluble proteins localized to both the ER 
and chloroplasts. They transfer PA—and potentially other phospholipids—from the ER to chloroplasts, regulating chloroplast lipid composition 
and thylakoid development. (IX) AZI1 (azelaic acid-induced 1), EARL1 (early Arabidopsis response to low light 1) and DIR1 (defective in induced 
resistance 1) are lipid transfer soluble proteins localized at the ER and chloroplast. They transfer oxylipins between membranes and are involved 
in systemic acquired resistance. B Proteins to be explored. (X) NTMC2 T5 proteins contain a lipid transfer domain, are anchored to the OEM 
and may be involved in lipid transfer at ER–plastid contact sites. (XI) The START2 protein contains a START domain and has been suggested 
to play a role as a lipid transporter from the ER to the chloroplast. (XII) LPPε1, LPPγ localized at the chloroplast OEM, facilitates MGDG biosynthesis 
from ER-derived phospholipids. LPPα2, an ER-localized protein, along with LPPε1, has a collaborative role in lipid metabolism. (XIII) DGD1 localizes 
to the OEM and is responsible for the synthesis of DGDG. It facilitates the transfer of lipids from the OEM to the IEM. However, the direct interaction 
between DGD1 and ER-chloroplast contact sites requires further investigation. Question marks (“?”) indicate that these molecules remain to be 
unambiguously demonstrated

Abbreviations: ALA10, aminophospholipid-ATPase 10; ALIS5, ALA-interacting subunit 5; AZI1, azelaic acid-induced 1; BnCLIP1, Brassica napus 
chloroplast-localized lipase 1; CoA, coenzyme A; CPT, diacylglycerol-choline phosphotransferase; DAG, diacylglycerol; DAGK, diacylglycerol 
kinase; DGD, digalactosyldiacylglycerol synthases; DGDG, digalactosyldiacylglycerol; DIR1, defective in induced resistance 1; EARLI1, early 
Arabidopsis aluminium-induced 1; ER, endoplasmic reticulum; FAX1, fatty acid exporter 1; FFA, free fatty acid; G3P, glycerol 3-phosphate; 
GPAT, glycerol 3-phosphate acyltransferase; IEM, inner envelope membrane; LACS, long-chain acyl-CoA synthetase; LD, lipid droplet; LPA, 
lysophosphatidic acid; LPCAT, lysophosphatidylcholine acyltransferases; LPP, lipid phosphate phosphatase; LPTD1: Lipoprotein transporter 
D1; Lyso-PC, lysophosphatidylcholine; MGD, monogalactosyldiacylglycerol synthases; MGDG, monogalactosyldiacylglycerol; NTMC2T5, 
N-terminal-transmembrane-C2 domain type 5; OEM, outer envelope membrane; ORP2A, oxysterol-binding protein-related protein 2A; PA, 
phosphatidic acid; PAP, phosphatidic acid phosphatase; PL, phospholipid; PLC/D, phospholipase C/D; SFH5/7, Sec14 homology proteins 5/7; 
STAR2, steroidogenic acute regulatory protein-related lipid transfer 2; TAG, triacylglycerol; TGD, trigalactosyldiacylglycerol complex; VAP27-1/3, 
vesicle-associated membrane protein (VAMP)-associated proteins
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thaliana, MGD1 and DGD1 are the primary enzymes 
involved in the synthesis of galactolipids in photosyn-
thetic tissues. Additionally, other MGDG synthases 
(MGD2 and MGD3) and DGDG synthase 2 (DGD2) are 
involved in galactolipid synthesis during phosphate star-
vation. MGD1 localizes to the IEM, whereas MGD2 and 
3 and DGD1 and 2 are found on the OEM [113, 114]. 
The acyl compositions of the resulting chloroplastic 
MGDG and DGDG molecules differ due to several fac-
tors, including the fatty acids synthesized, the specificity 
and subcellular localization of galactolipid biosynthetic 
enzymes, the composition and availability of the DAG 
pool, and the lipid remodelling processes within the cell.

Arabidopsis contains several lipases, including plastid 
lipases (PLIPs), which also play a role in lipid metabo-
lism. PLIP2 and PLIP3 release fatty acids, particularly 
C18:3, from MGDG and PG in the chloroplast. The free 
C18:3 generated by PLIP2 or PLIP3 can be converted 
into jasmonic acid precursors, leading to jasmonate 
accumulation [115]. In contrast, PLIP1 is a PG-specific 
phospholipase A1 that preferentially hydrolyses PG 
containing sn-2 C16:1Δ3 trans, releasing C18:2 and C18:3. 
These fatty acids are subsequently exported to the 
cytosol, where they are incorporated into PC and TAG 
[116]. PLIP1 facilitates the transfer of acyl groups from 
plastids to the ER for TAG synthesis, establishing a link 
between plastidial lipid metabolism and TAG produc-
tion in the ER, which is crucial for seed oil biosynthesis 
[116, 117].

Initially, glycerolipids are synthesized using mainly 
C16:0, C18:0 and C18:1 acyl groups. However, these 
lipids can be desaturated into more unsaturated forms by 
membrane-bound fatty acid desaturases (FADs) located 
in the chloroplast and the ER. In Arabidopsis chloro-
plasts, FAD5 catalyses the desaturation of C16:0 to C16:1 
(C16:1Δ7cis) [118, 119], specifically at the sn-2 position 
of galactolipids, an activity characteristic of 16:3 plants. 
Chloroplast galactolipids can also be modified by FAD6 
[120, 121], which acts on both C18:1 and C16:1. Subse-
quently, FAD7 [64, 122] and FAD8 [123, 124] convert 
these intermediates into polyunsaturated forms, yielding 
C18:3 and C16:3. Additionally, plastidial FAD4 can intro-
duce a Δ3trans double bond in C16:0, specifically at the 
sn−2 position in PG [125, 126]. Conversely, in the ER, a 
key desaturation step is catalysed by FAD2 [127], which 
converts C18:1 (oleic acid, C18:1Δ9cis) into C18:2 (linoleic 
acid, C18:2Δ9cis,12cis). This can be followed by FAD3 [128], 
which introduces a third double bond at the Δ15 posi-
tion, producing α-linolenic acid. Both FAD2 and FAD3 
act mostly on acyl groups esterified to PC [97].

In addition to their roles in galactolipid synthe-
sis, increasing evidence over the past decade has sug-
gested an interplay between the ER and chloroplasts in 

lipid droplet development. Lipid droplets store neutral 
lipids for energy production, membrane synthesis and 
stress responses [129]. They originate from the ER, and 
most remain attached to it until degradation occurs 
[130]. Lipid droplets have been shown to reshape their 
ER interfaces throughout their life cycle, suggesting 
the existence of specialized contact sites with distinct 
protein and lipid compositions that may serve diverse 
functions [131]. In the green eukaryotic alga Chla-
mydomonas reinhardtii, lipid droplets have occasion-
ally been observed in close association with both the ER 
and the OEM of the chloroplast, particularly under high 
light or nitrogen deprivation conditions or in a starchless 
mutant [132–134]. Furthermore, a metabolic connection 
between chloroplasts and lipid droplets has been sug-
gested in Chlamydomonas during nitrogen depletion, as 
evidenced by the chloroplast localization of key enzymes 
involved in TAG assembly, as well as the incorporation 
of typical chloroplast lipids such as DGDG and MGDG 
into the lipid droplet coat [133–135]. Additionally, the 
Chlamydomonas mutant tgd2, which carries a mutation 
in a component of the chloroplast lipid transporter TRI-
GALACTOSYLDIACYLGLYCEROL (TGD), exhibits 
increased lipid droplet formation and enhanced conver-
sion of MGDG to TAG, which accumulates in lipid drop-
lets. These findings suggest an indirect link between lipid 
trafficking among the ER, chloroplasts and lipid droplets 
[136]. However, direct evidence for the existence of lipid 
droplet–ER–chloroplast contact sites remains lacking, 
and lipid trafficking at these interfaces in plants remains 
poorly understood.

Proteins involved in lipid metabolism at ER–plastid 
contact sites
Unlike the well-characterized vesicular transport systems 
between the ER and other organelles, such as the Golgi 
apparatus or plasma membrane, vesicular trafficking 
between the ER and chloroplasts remains poorly under-
stood. Chloroplasts are unique in their biogenesis and 
lipid transport mechanisms, as they are not part of the 
classical endomembrane system. Instead, lipid exchange 
between the ER and chloroplasts is thought to occur 
through mechanisms independent of vesicular transport. 
Several mechanisms have been proposed to explain lipid 
movement between these two organelles. One model 
suggests direct lipid transfer through membrane fusion 
or “hemifusion”, allowing lipids to diffuse across with-
out the need for vesicles or lipid-binding proteins [56]. 
Another hypothesis, known as “vectorial acylation”, 
posits that lipids are transported as acyl intermediates, 
such as acyl-CoAs, which are shuttled between the ER 
and chloroplasts by specific lipid-binding proteins [85, 
87]. Recent studies suggest that complex lipids can be 
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transferred via specialized lipid-binding proteins located 
at these membrane contact sites. These various mecha-
nisms may cooperate in lipid trafficking at ER–plastid 
contact sites, with specific pathways depending on the 
types of lipids and proteins involved. In this section, we 
summarize the lipid transporters and modifying proteins 
that have been described as being localized at ER–plastid 
contact sites (Fig. 2).

BnCLIP1
An important discovery in the field of lipid trafficking at 
ER‒chloroplast contact sites was the identification of a 
Brassica napus lipase, named chloroplast-localized lipase 
1 (BnCLIP1) [137]. Phylogenetic analysis, which is based 
on the similarity of the conserved domain sequence 
between BnCLIP1 and several lipases with different tar-
gets, suggested that BnCLIP may be a multisubstrate 
lipase [137]. Transient expression of BnCLIP1-eGFP in 
tobacco leaf tissue revealed a distinct punctate locali-
zation on the plastid envelope, with ER membranes 
positioned closely to the BnCLIP1-eGFP puncta [137]. 
BnCLIP1-GFP is enriched on the OEM, where plastid 
and ER membranes become linked (Fig. 2). This dynamic 
linkage influences plastid movement, positioning and 
stromule extension and retraction [54]. Furthermore, 
heterologous expression of BnCLIP1 in Saccharomy-
ces cerevisiae resulted in a reduction in total fatty acid 
content, with a substrate preference for C16:0 lipids, 
demonstrating its lipolytic activity. The transcription of 
BnCLIP1 is upregulated during seed senescence (when 
the chlorophyll content in developing seeds begins to 
decline), suggesting a role in maintaining chloroplast 
integrity and mobilizing lipids [137]. However, the spe-
cific function of BnCLIP1 in degrading triacylglycerols or 
other glycerolipids within the OEM remains unclear. Fur-
ther research is needed to fully elucidate its function in 
lipid metabolism at ER‒chloroplast contact sites.

Long‑chain acyl‑CoA synthetases (LACSs)
LACS proteins play essential roles in lipid synthesis, fatty 
acid catabolism and the transport of fatty acids between 
subcellular compartments. They catalyse the conver-
sion of fatty acyl chains into fatty acyl-CoAs (Fig. 1). In 
Arabidopsis, LACS9 primarily localizes to the chloro-
plast envelope (Fig.  2), where it activates fatty acids for 
export from plastids [138]. However, lacs9 knockout 
mutants do not exhibit major phenotypic changes, sug-
gesting that other LACSs compensate for this activity 
[138–140]. In contrast, LACS4 is localized in the ER, 
yet the lacs4 mutant is phenotypically indistinguishable 
from the wild type. However, lacs4 lacs9 double mutants 
exhibit defects in glycolipid biosynthesis, resulting in 
a significant reduction in C18:2 at the sn-2 position of 

MGDG and a reduced fatty acid content per seed [141], 
indicating impaired lipid precursor transfer between the 
ER and plastids [140, 141]. Unlike tgd mutant lines (see 
below), lacs4 lacs9 mutants do not accumulate trigalacto-
syldiacylglcyerol (TGDG) or TAG in leaves. The subcel-
lular localization of LACS4 and LACS9 suggests that they 
might function at ER–plastid contact sites, generating a 
local pool of acyl-CoA at these sites. Despite their locali-
zation in distinct subcellular compartments, genetic and 
biochemical evidence indicates that LACS4 and LACS9 
have overlapping functions, supporting their roles in ER–
plastid lipid trafficking.

Lysophosphatidylcholine acyltransferases (LPCATs)
Lysophosphatidylcholine acyltransferases are enzymes 
that catalyse the reacylation of lyso-PC into PC by trans-
ferring an acyl group from acyl-CoA. This activity plays 
a crucial role in phospholipid acyl remodelling, allowing 
for the modification of the fatty acid composition of PC 
[97]. Notably, LPCATs can catalyse both forwards and 
reverse reactions, further contributing to lipid homeo-
stasis [142]. Lyso-PC can be spontaneously transferred 
between membranes, which suggests that it may serve 
as a lipid precursor for chloroplast membranes, and this 
transport is believed to occur at ER‒chloroplast contact 
sites. LPCAT activity has been detected in the chloroplast 
envelopes of several plant species [141, 143], indicating 
that it may participate in PC remodelling and lipid trans-
fer at these contact sites. Experimental evidence supports 
this idea, as pulse-chase experiments in leek (Allium por-
rum) seedlings suggest that LACS generates an acyl-CoA 
pool that could be used by LPCAT in PC synthesis at 
ER‒chloroplast contact sites [144]. However, more recent 
lipid pulse-chase labelling experiments in an Arabidop-
sis mutant lacking the prokaryotic lipid synthesis path-
way and of the two major LPCAT enzymes (act1 lpcat1 
lpcat2) revealed that LPCAT activity is not required for 
MGDG production. Instead, LPCAT appears to facilitate 
the incorporation of fatty acids exported from chloro-
plasts into ER phospholipids via PC acyl editing [97]. This 
study also suggests the existence of a distinct PC pool in 
chloroplasts, where LPCAT1 and LPCAT2 play a role in 
acyl editing for fatty acid export to the ER at ER‒chlo-
roplast contact sites. Despite these findings, the precise 
functions of LPCAT in lipid trafficking between the ER 
and chloroplasts remain unclear. Further research is 
needed to fully elucidate its role, confirm its localization 
at ER‒chloroplast contact sites and determine the extent 
to which it contributes to lipid transport and remodelling 
in plant cells.



Page 10 of 19Huercano et al. BMC Biology          (2025) 23:139 

TGD complex
The TGD complex functions as a non-classical ABC 
transporter system composed of TGD1, TGD2 and 
TGD3, which are in the IEM of the chloroplast. TGD4, 
which is found in the OEM, is thought to interact with 
the ER and TGD5 (Fig. 2). The name “TGD” (trigalacto-
syldiacylglycerol) reflects the accumulation of oligoga-
lactolipids in mutants lacking these proteins. Together, 
these proteins mediate the transfer of glycerolipid pre-
cursors, such as PA and DAG, from the ER to the chloro-
plast envelope membranes [57, 145].

TGD1 is similar to the permease component of bac-
terial ABC transporters. The Arabidopsis tgd1 mutant 
presents a complex lipid phenotype, including the 
accumulation of oligogalactolipids and triacylglycer-
ols, impaired assembly of galactolipids from ER-derived 
precursors and elevated PA levels [146, 147]. The accu-
mulation of PA and reduced incorporation of labelled 
PA into galactoglycerolipids in tgd1 chloroplasts sug-
gest that TGD1 is involved in transporting PA across the 
IEM [146, 147]. TGD2 is similar to membrane-tethered 
substrate-binding proteins in bacterial ABC transporters 
[148]. Mutants of tgd2 present a lipid phenotype nearly 
identical to that of tgd1. Additionally, the recombinant 
TGD2 protein lacking its single membrane-spanning 
domain has been shown to specifically bind PA [148]. In 
2007, TDG3 was identified as a small ATPase within this 
translocator complex, localizing beyond the IEM [149]. 
These three proteins form the “core” of a complex similar 
in size to standard ABC transporters, with approximately 
8–12 copies of the substrate-binding protein TGD2 
found per functional transporter [150].

Later, TGD4 was identified in a mutant screen for 
lipid phenotypes [57]. The tgd4 mutant presents a pale 
green phenotype due to impaired chloroplast function 
and reduced chlorophyll content, which correlates with 
defects in thylakoid membrane synthesis. Lipid analyses 
of tgd4 revealed the accumulation of triacylglycerols and 
oligogalactoglycerolipids, similar to other TGD mutants. 
Despite these lipid abnormalities, the mutant retains 
some capacity for chloroplast development, although it 
is significantly compromised. Localization studies con-
firmed that TGD4 associates with the OEM, with its 
N-terminal region exposed to the cytosol [151]. Inter-
estingly, TGD4 appears to function differently from the 
TGD1-3 complex, potentially playing a more relevant 
role at the OEM, where it may interact with the ER. Stud-
ies of double mutants involving tgd1 or tgd4 in various 
genetic backgrounds, such as fad2 (ER desaturase) or 
fad6 (plastid desaturase), suggest that the role of TGD 
proteins is primarily involved in lipid import into plastids 
and does seem to extend to lipid export to extraplastidic 
membranes [152]. In protein‒lipid binding assays, TGD4 

was shown to specifically bind PA but not other phos-
pholipids, highlighting its selectivity for this lipid class 
[151]. This binding is crucial for lipid trafficking, as PA 
accumulates in extraplastidic membranes in tgd4 plants, 
suggesting that TGD4 could be involved in the transfer 
of lipids from the ER to the chloroplast. Further research 
revealed that TGD4 is a dimeric barrel protein that binds 
PA at its N-terminus and contains dimerization domains 
at its C-terminus. Specifically, amino acids 1–80 and 
110–145 are required and sufficient for PA binding [145]. 
However, although TGD4 is associated with PA binding, 
direct evidence for PA transport via TGD4 is lacking, and 
PA may play a regulatory role in TGD complex activity. It 
remains to be demonstrated whether PA or other lipids 
are transported between the ER and the OEM at these 
contact sites, and additional research is needed to clarify 
the exact molecular dynamics involved.

In 2015, TGD5, also known as green less stomata 1 
(GLES1), was identified as a small glycine-rich protein 
(27.5% glycine) localized to the IEM but absent from thy-
lakoids. TGD5 interacts with other TGD proteins (TGD1, 
TGD2, TGD3 and TGD4) [153]. Disruption of TGD5 
results in a significant reduction in ER-derived thy-
lakoid lipids and the accumulation of oligogalactolipids 
and triacylglycerol, although these effects are less severe 
than those in tgd1 mutants. The gles1 mutation impairs 
chloroplast biogenesis in guard cells, leading to defec-
tive stomatal regulation, with abnormal CO2-induced 
closure and light-induced opening [154]. TGD5 also 
plays a critical role in maintaining plastid morphology, 
particularly in non-mesophyll tissues [155]. Another 
tgd5 mutant (suba1) displays excessive stromule forma-
tion in non-mesophyll cells, such as the leaf epidermis, 
whereas mesophyll chloroplasts remain unaffected. This 
mutation disrupts normal plastid morphogenesis, lead-
ing to the accumulation of lipid droplets and autophagic 
engulfment by vacuoles, suggesting a distinct mechanism 
regulating plastid morphology in non-mesophyll cells, 
possibly involving differential contributions of the plas-
tidial and ER pathways in lipid metabolism [155].

These studies highlight the fundamental importance of 
the TGD protein complex and lipid transfer pathways in 
plastid function, emphasizing their roles in thylakoid bio-
genesis, plastid morphogenesis in non-mesophyll tissues 
and stomatal response mechanisms. Research has shown 
that disruptions in this lipid pathway lead to a wide range 
of phenotypic effects, from altered plastid shapes and 
lipid accumulation to impaired environmental responses, 
offering valuable insights into the complexity of lipid 
metabolism and its broader implications in plant biology. 
Further research is needed to elucidate the exact molecu-
lar interactions between these proteins and to determine 
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whether they work in concert with other proteins to 
mediate lipid transfer between the ER and chloroplasts.

atLPTD1
In the Arabidopsis thaliana proteome, there are only two 
orthologues of the bacterial and plant-conserved OEM 
β-barrel-shaped lipid-A transporter (LptD) proteins. 
One of these is TGD4 [57], and the other has been identi-
fied as LptdD1 [156]. Studies have revealed that LPTD1 
works in conjunction with TGD4 to coordinate lipid 
transport between the ER and chloroplasts, particularly 
under phosphate stress [156]. Like TGD4, LPTD1 func-
tions as a cation-selective channel and may also facilitate 
lipid transfer across membranes. Under phosphate star-
vation, the LPTD1 protein content increases, suggesting 
a stress-responsive role, and RNAi lines targeting LPTD1 
exhibit growth defects, especially in the tgd4-1 mutant 
background, which further increases sensitivity to light 
and phosphate stress. Additionally, the increases in 
DGDG and SQDG observed under phosphate limitation 
in WT plants were compromised in these RNAi mutants 
[156]. However, it is still unclear whether LptD1 func-
tions as an additional component of the TDG complex or 
is part of a different lipid-transfer complex at ER‒chloro-
plast contact sites.

ALA10
PC is located primarily at the outer OEM monolayer in 
chloroplasts, with none detected at the internal OEM 
monolayer and minimal amounts in other plastid mem-
branes [157] (Table  1). Although PC synthesis does not 
occur within chloroplasts, recent research has suggested 
that the P4-type ATPase aminophospholipid ATPase 10 
(ALA10), a member of the phospholipid flippase family, 
may contribute to the presence of PC on the chloroplast 
surface. The Arabidopsis ala10 knockout mutant displays 
deficiencies in phosphate starvation responses, as well as 
perturbations in chloroplast lipid homeostasis [158, 159]. 
ALA10 localizes to the ER, but when it is coexpressed 
with its chaperone ALA-interacting subunit 5 (ALIS5), 
it associates near chloroplasts. These findings suggest 
that the ALA10–ALIS5 complex may function at ER-
chloroplast contact sites (Fig. 2). In Arabidopsis, ALA10 
overexpression leads to increased C18:2 and reduced 
C18:3 levels in chloroplast PC, suggesting that ALA10 
facilitates the translocation of C18:2-rich PC from the 
lumen-facing to the cytosolic side of the ER membrane 
[159] and that the ALA10–ALIS5 complex facilitates the 
efficient transport of C18:2-PC to the chloroplast. Yeast-
based fluorescent lipid uptake assays have shown that 
ALA10 preferentially translocates PC but also exhibits 
activity towards other lipids, including PA [160, 161]. 
Additionally, large-scale plant analysis indicated that the 

MGDG–PC ratio is significantly influenced by ALA10 
expression and that ALA10 enhances MGDG synthesis 
at the expense of PC [159]. However, definitive evidence 
confirming ALA10 localization at ER‒chloroplast con-
tact sites and direct evidence of ALA10‒ALIS5-mediated 
lipid translocation at these sites are still lacking.

VAP27‑1 VAP27‑3 with ORP2A
A recent study by Renna et  al. (2024) revealed signifi-
cant advances in elucidating a new mechanism behind 
lipid transport at ER–chloroplast contact sites by iden-
tifying a protein complex involving VAP27-1/VAP27-3 
and ORP2A in Arabidopsis thaliana (Fig.  2). Oxysterol-
binding protein-related proteins (ORPs) are a conserved 
family of lipid transfer proteins found in eukaryotic 
organisms and are known to be lipid exchangers, as they 
mediate the counterdirectional transport of two different 
lipid ligands, such as cholesterol and phospholipids, at 
membrane contact sites [162, 163]. Alternatively, VAP27 
proteins are plant homologues of the vesicle-associated 
membrane protein (VAMP)-associated proteins (VAPs) 
found in animal cells. In plants, VAP27 proteins are local-
ized primarily to the ER, where they play key roles in 
mediating interactions between the ER and other orga-
nelles, including the plasma membrane or Golgi appara-
tus [164]. One of the key findings of this study was the 
localization of VAP27-1 and VAP27-3 to specific ER sub-
domains that are close to chloroplasts. This localization 
was demonstrated using live-cell confocal microscopy, 
which revealed that VAP27 proteins accumulated at sites 
with reduced mobility compared with other regions of 
the ER, as confirmed by fluorescence recovery after pho-
tobleaching (FRAP) experiments. This reduced mobility 
suggested that the proteins were stabilized at these mem-
brane contact sites, likely due to their interaction with 
chloroplasts. Further investigation into the roles of these 
proteins revealed that VAP27-1 and VAP27-3 physically 
interact with ORP2A. Additionally, ORP2A was shown 
to bind to specific chloroplast lipids, particularly MGDG, 
as well as phytosterols, such as β-sitosterol and campes-
terol, via protein‒lipid overlay assays. Lipidomic analyses 
of vap27-1/vap27-3/orp2a-1 mutants revealed subtle yet 
important changes in the acyl composition of key chlo-
roplast lipids, particularly MGDG and PG, as well as 
increased levels of sterols in chloroplast membranes, sug-
gesting that the VAP27-ORP2A complex is involved in 
regulating sterol transport and homeostasis at ER‒chlo-
roplast contact sites.

Sec14 proteins (SFH5 and SFH7)
A recent study elucidated a new mechanism by which 
PA is transported from the ER to chloroplasts [165]. 
The Sec14 family is characterized by a conserved Sec14 



Page 12 of 19Huercano et al. BMC Biology          (2025) 23:139 

domain, known for its ability to transfer a variety of lipids 
and hydrophobic molecules [166]. Confocal microscopy 
revealed that the Arabidopsis proteins SFH5 and SFH7 
are localized in both the ER and chloroplasts, with the 
nodulin domain at their C-terminus being essential for 
this subcellular localization. This dual localization sug-
gests that these proteins mediate lipid transport between 
the two organelles (Fig. 2). Double Arabidopsis sfh5 sfh7 
mutants presented chloroplast structural defects and 
reduced chlorophyll content, underscoring the criti-
cal roles of these proteins in chloroplast development 
[165]. Crystallographic studies further demonstrated that 
SFH5 preferentially binds PA but can also interact with 
PC. Additionally, lipidomic analyses revealed that PA, PC 
and PG levels were significantly reduced in the chloro-
plasts of sfh5 sfh7 mutants, leading to impaired synthe-
sis of essential chloroplast lipids, including MGDG and 
DGDG. Notably, the reduction in MGDG levels triggered 
increased expression of DGD1, suggesting a compensa-
tory response to the disruption of lipid homeostasis. This 
study provides critical insights into the roles of SFH5 
and SFH7 in lipid transport in plants, although the exact 
lipids they transport and their specific localization at ER‒
chloroplast contact sites remain to be confirmed.

AZI1, EARLI and DIR1
The precise subcellular localization of defence factors is 
essential for an effective plant immune response. To trig-
ger systemic acquired resistance (SAR), plants generate 
signals that can travel to activate defence mechanisms in 
distant tissues. Among these signals are various hydro-
phobic or lipid-related molecules, including azelaic acid 
(AZA), a C9 oxylipin derived from unsaturated C18 fatty 
acids. Azelaic acid-induced 1 (AZI1) and early Arabidop-
sis aluminium-induced 1 (EARLI1) are two soluble lipid 
transfer proteins that are key components of the AZA 
signalling pathway [167–169]. Both AZI1 and EARLI1 
are essential proteins for AZA-induced priming and for 
establishing systemic acquired resistance. In leaves, AZI1 
and EARLI1 localize to the ER, plasma membrane, plas-
modesmata [170] and the plastid OEM where AZA is 
produced (Fig. 2). This lipid transfer protein family is sug-
gested to reside at ER‒chloroplast contact sites, facilitat-
ing the transport of AZA molecules [167]. The screening 
of T-DNA Arabidopsis thaliana lines for mutants defec-
tive in systemic acquired resistance led to the charac-
terization of the dir1-1 (defective in induced resistance 1) 
mutant. DIR1 is crucial for systemic acquired resistance 
and functions as a carrier for lipid-based signals, which 
reside at ER‒chloroplast contact sites and play roles in 
immune responses [170, 171]. Collectively, AZI1, EARLI1 
and DIR1 illustrate the dynamic interplay between lipid 
metabolism at ER‒chloroplast contact sites and defence 

signalling, enabling plants to respond effectively to envi-
ronmental stress [167].

Proteins to be explored
To explore potential membrane contact site proteins in 
plants, a list of candidate Arabidopsis proteins was gen-
erated based on homologous membrane contact site 
proteins and lipid-binding domains from other systems 
[101]. These candidates were evaluated for their chlo-
roplast localization and expression in photosynthetic 
tissues. Among them, the N-terminal-transmembrane-
C2 domain type 5 SMP proteins (NTMC2T5.1 and 
NTMC2T5.2) were suggested as candidates, and a recent 
preprint [172] using confocal microscopy in N. bentha-
miana confirmed their localization at chloroplasts and 
their attachment to the ER (Fig. 2). SMP proteins, an evo-
lutionarily conserved family of proteins in eukaryotes, 
tether membrane contact sites by interacting with other 
proteins and membrane lipids. Biochemical studies have 
demonstrated that SMP domain proteins can transport a 
diverse range of lipid species owing to the unique hydro-
phobic cavity within the SMP domain. For example, the 
Arabidopsis SYT1 and SYT3 proteins transfer DAG at 
ER‒plasma membrane contact sites [173], whereas SYT5 
has distinct biological functions [174]. As a result, these 
NTMC2T5 proteins are strong candidates for mediating 
lipid transport at ER‒chloroplast contact sites, although 
further research is needed to confirm this hypothesis.

In the review by Labrant et  al. (2018), several 
OSBP proteins, including ORP1A (AT2G31020), 
ORP1D (AT1G13170), ORP3A (AT5G02100), ORP3B 
(AT3G09300) and ORP3C (AT5G59420), were identified 
as potential candidates for lipid transport at ER‒chloro-
plast membrane contact sites. Recent research has shown 
that the ER proteins VAP27-1 and VAP27-3 interact with 
ORP2A, which is associated with the chloroplast OEM, 
and that disruption of this complex alters chloroplast 
sterol levels [51]. These findings suggest that other OSBP 
proteins, such as those proposed, may also be involved in 
lipid trafficking between the ER and chloroplast. Addi-
tionally, a few other proteins have been proposed as 
potential chloroplast-targeted membrane contact site 
components, including two putative pleckstrin homol-
ogy (PH) domain-containing proteins (AT4G11790 and 
AT4G23895) and three proteins with calcium-dependent 
lipid-binding domains: CAR5 (AT1G48590), SYNAP-
TOTAGMIN 4 (AT5G11100) and AT5G55530. However, 
their localization at ER‒chloroplast contact sites and 
their involvement in lipid trafficking have yet to be 
confirmed.

Moreover, the START2 protein from Marchantia 
polymorpha, an emerging model plant with low genetic 
redundancy, contains the steroidogenic acute regulatory 
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protein-related lipid transfer (START) domain. This pro-
tein belongs to an evolutionarily conserved superfam-
ily of lipid transfer proteins that are widely distributed 
across the tree of life [175]. Recent studies have shown 
that START2 localizes to the OEM (Fig.  2) in a punc-
tate pattern and is necessary for increasing the number 
of C20 fatty acids synthesized in the ER in chloroplast 
glycolipids under phosphate deprivation [176], sug-
gesting that START2 functions as a lipid transporter, 
facilitating lipid transfer from the ER to the chloroplast. 
Most START domain-containing proteins in plants are 
plant-specific and evolutionarily distant from the lipid 
transfer proteins found in animals [177]. Some plant-spe-
cific START proteins function as transcription factors, 
whereas others contain domains of unknown function. 
The plant START minimal proteins, which contain only 
one START domain, are homologous to the animal lipid 
transfer proteins [177] and thus may be involved in lipid 
transfer in plant cells. However, the function and subcel-
lular localization of these proteins remain unexplored. 
Further studies are needed to determine whether these 
homologues play a role in ER–plastid lipid trafficking in 
plants.

Recent studies of lipids on LPPs (lipid phosphate phos-
phatases) have demonstrated that LPPϵ1 and LPPγ are 
localized at the OEM of chloroplasts. However, LPPϵ1 
is also found in proximity to the ER, and LPPα2 is local-
ized to the ER. Although no mutant phenotype was 
observed in single knockout mutants of lppα2 and lppε1, 
these proteins are essential for maintaining regular lipid 
metabolism. Suppressing both enzymes disrupts pollen 
development and ER phospholipid biosynthesis in mature 
siliques and seeds [106]. The Arabidopsis double mutant 
lppγ lppε1 exhibits reduced flux through the ER pathway 
of galactolipid synthesis, suggesting that these activities 
facilitate MGDG biosynthesis from ER-derived phospho-
lipids [107]. However, evidence that these proteins are 
localized at ER‒chloroplast contact sites is still lacking, 
and the specific physiological roles of LPPγ, LPPϵ1 and 
LPPϵ2 remain to be fully understood. Additionally, the 
identity of the phosphatidic acid phosphatase involved in 
plastid galactolipid biosynthesis remains unknown.

DGD1 (digalactosyldiacylglycerol synthase 1) and 
DGD2 are proteins localized to the OEM of the chlo-
roplast, with their catalytic domains facing the cytosol. 
These enzymes convert MGDG into DGDG. DGD1 is 
primarily responsible for synthesizing the majority of 
DGDG in chloroplasts under normal growth condi-
tions. A unique feature of DGD1 is its N-terminal exten-
sion, which is essential for its integration into the OEM 
and facilitates lipid transfer between the OEM and IEM 
[178]. This N-terminal sequence mediates binding to 
PA, induces membrane fusion in  vitro and suggests a 

potential role in lipid translocation between envelope 
membranes. The dgd1 mutant exhibits significantly 
reduced DGDG content, leading to impaired photo-
synthesis, altered chloroplast morphology, and severe 
phenotypic effects such as extremely short inflores-
cence stems due to the overproduction of jasmonic acid. 
Additionally, dgd1 mutants present defective membrane 
structures in etioplasts during dark growth [114, 179–
181]. In contrast, DGD2 plays a key role in galactoglyc-
erolipid synthesis under phosphate starvation conditions 
and in non-green tissues [114, 180], although DGD1 also 
contributes to DGDG production under these condi-
tions. During phosphate deprivation, galactolipids are 
exported to extraplastidic membranes to maintain cel-
lular integrity while prioritizing phosphate allocation for 
DNA/RNA protein synthesis [182]. However, because no 
direct transporters for galactolipids have been identified 
thus far and DGD1 has been suggested to facilitate lipid 
transfer between the OEM and IEM, DGD1 and DGD2 
may not only be involved in lipid synthesis and envelope 
membrane transport but could also play roles in ER‒
chloroplast interactions, similar to their proposed func-
tions in bridging the IEM and OEM. Nevertheless, their 
potential interaction with the ER and involvement in lipid 
trafficking at ER–plastid contact sites remain speculative, 
as no direct evidence currently supports this hypothesis.

Finally, a superfamily of conserved lipid transfer pro-
teins with long hydrophobic grooves, composed of mul-
tiple repeating β-groove (RBG) domains, has emerged 
as a promising group of candidates for lipid transfer at 
various contact sites [183]. Within this superfamily, vacu-
olar protein sorting-associated protein 13 (VPS13) pro-
teins are evolutionarily conserved across eukaryotes and 
have been shown to mediate lipid transport at membrane 
contact sites in yeast and mammals [184]. A phylogenetic 
study of VPS13 proteins in Archaeplastida highlighted 
the complex evolutionary history of this protein family 
and its role in lipid transport [185]. In Arabidopsis, four 
paralogues have been identified, with AtVPS13S local-
ized in the endomembrane system and playing roles in 
regulating root growth, cell patterning and reproduction 
[186]. More recently, AtVPS13M1 has been shown to 
localize to mitochondria and participate in lipid remod-
elling under low-phosphate conditions [187]. Similarly, 
studies on bridge-like lipid transport protein 2 (BLTP2) 
orthologues, including sabre, kinky pollen and aber-
rant pollen transmission 1 (APT1) in plants, suggest that 
these proteins fold into rod-like structures with internal 
hydrophobic grooves, similar to VPS13. These proteins 
have been implicated in root growth and pollen germi-
nation [188, 189]. Although their localization at plastid-
associated membrane contact sites remains unconfirmed, 
their conserved functions in lipid transport make them 
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candidates for future investigations into ER–plastid lipid 
trafficking.

Conclusion and perspectives
Membrane contact sites linking the ER and chloro-
plasts are fundamental for maintaining cellular func-
tions in plants, particularly by facilitating lipid exchange, 
ion transfer and adaptive responses to environmental 
stresses. This review highlights the specialized roles of 
key proteins at ER‒chloroplast contact sites, such as the 
TGD complex, Sec14 family proteins and VAP27-ORP2A 
complex, which play distinct roles in lipid transport, 
chloroplast membrane composition stability and chlo-
roplast functionality. For example, the TGD complex is 
essential for transporting phosphatidic acid from the 
ER and across chloroplast membranes, a process critical 
for chloroplast lipid homeostasis and overall functional-
ity. Similarly, Sec14 family proteins selectively transport 
PA, supporting chloroplast development, whereas the 
VAP27-ORP2A complex is putatively involved in sterol 
transport. Disruptions in these proteins frequently lead 
to chloroplast defects, diminished photosynthetic effi-
ciency and compromised stress response capacities.

Despite these advances, several key questions remain 
unanswered. One of the major challenges is to elucidate 
the precise lipid species transported by these proteins 
and their impact on plastidial/ER membrane compo-
sition. The current lack of detailed lipidomic data for 
OEM, IEM and thylakoids in Arabidopsis highlights a 
critical knowledge gap. Addressing this issue will require 
advanced lipidomic approaches combined with high-
resolution imaging techniques to visualize lipid dynamics 
in vivo.

To date, only a limited number of proteins, mainly 
those involved in lipid transport, have been definitively 
identified at ER‒chloroplast contact sites, with a few 
additional candidates for these locations. The mecha-
nisms by which these proteins attach to both membranes 
and facilitate lipid transport remain largely unknown. 
Therefore, a key challenge moving forwards will be to 
identify the proteins responsible for physically establish-
ing the ER–plastid contact sites (i.e. the tethering pro-
teins), as well as other proteins that may be localized at 
these junctions. Another major challenge ahead is deter-
mining whether different membrane contact site proteins 
exhibit functional redundancy or specificity. However, 
we are only beginning to uncover the full scope of these 
interactions, suggesting that more proteins involved in 
these processes may be identified in the future.

It is reasonable to speculate that, as with other mem-
brane contact sites, ER‒chloroplast contact sites may 
exhibit dynamic protein compositions; there may even 
be multiple types of ER‒chloroplast contact sites with 

distinct functional roles. The regulation of these pro-
tein interactions in response to environmental stresses 
remains largely unexplored. The role of lipid transfer 
proteins in stress adaptation is an emerging field that 
requires further investigation. Future research should 
focus on how stress conditions such as drought, high 
salinity or pathogen attack influence membrane contact 
site formation and lipid flux, potentially revealing new 
targets for crop improvement. Additionally, investigat-
ing membrane contact sites in non-photosynthetic plas-
tids, such as proplastids, amyloplasts or chromoplasts, 
may reveal additional mechanisms for lipid transport and 
metabolic adaptation across diverse organelles. Unravel-
ling the full repertoire of proteins involved, elucidating 
the specific lipids transported and deciphering the spa-
tiotemporal dynamics of these processes remain critical 
frontiers in this field.

From a biotechnological perspective, deciphering the 
molecular mechanisms that govern ER–chloroplast con-
tact sites opens new avenues for crop improvement and 
metabolic engineering. These membrane contact sites 
are crucial for lipid transport, stress signalling and meta-
bolic coordination, all of which are vital for plant growth 
and adaptation. By identifying key proteins and regula-
tory pathways involved in ER–chloroplast communica-
tion, researchers could develop strategies to increase 
photosynthetic efficiency, optimize lipid metabolism and 
improve stress resistance in crops. Moreover, engineer-
ing these contact sites could facilitate the production of 
high-value metabolites, such as biofuels or nutritionally 
enhanced lipids, by optimizing chloroplast metabolic 
functions. Given the increasing demand for sustainable 
agricultural solutions, understanding and manipulating 
ER–chloroplast interactions represent promising fron-
tiers for developing climate-resilient crops and enhanc-
ing plant-based bioproduction systems.

In summary, the findings summarized in this review 
represent a step forwards in unravelling the complex-
ity of lipid exchange at ER–plastid contact sites. How-
ever, significant challenges remain in characterizing lipid 
specificity, functional redundancy, stress regulation and 
biotechnological applications. Addressing these gaps will 
require interdisciplinary approaches that combine cell 
biology, biochemistry and omics technologies. Future 
research in this area has the potential to not only advance 
fundamental plant biology but also hold potential impli-
cations for agricultural innovation.
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