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The process of tissue regeneration occurs in a developmentally timedmanner, yet the role of circadian timing is not
understood. Here, we identify a role for the adult muscle stem cell (MuSC)-autonomous clock in the control of
muscle regeneration following acute ischemic injury. We observed greater muscle repair capacity following injury
during the active/wake period as compared with the inactive/rest period in mice, and loss of Bmal1 within MuSCs
leads to impaired muscle regeneration. We demonstrate that Bmal1 loss inMuSCs leads to reduced activatedMuSC
number at day 3 postinjury, indicating a failure to properly expand themyogenic precursor pool. In cultured primary
myoblasts, we observed that loss ofBmal1 impairs cell proliferation in hypoxia (a condition that occurs in the first 1–
3 d following tissue injury in vivo), as well as subsequent myofiber differentiation. Loss of Bmal1 in both cultured
myoblasts and in vivo activated MuSCs leads to reduced glycolysis and premature activation of prodifferentiation
gene transcription and epigenetic remodeling. Finally, hypoxic cell proliferation and myofiber formation in Bmal1-
deficient myoblasts are restored by increasing cytosolic NAD+. Together, we identify the MuSC clock as a pivotal
regulator of oxygen-dependentmyoblast cell fate andmuscle repair through the control of theNAD+-driven response
to injury.
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Disrupted circadian function is strongly associated with
metabolic pathologies, including diabetes, obesity, can-
cer, skeletal muscle myopathy, and accelerated aging
(Bass and Takahashi 2010; Bass and Lazar 2016). However,
gaps remain in our understanding of how clocks interact
with developmental stage-specific timing mechanisms
to maintain healthy metabolic control and healthy tissue
maintenance across the life span. Themammalian “core”
clock consists of a transcription–translation feedback loop
in which bHLH-PAS transcriptional activators CLOCK
and BMAL1 orchestrate circadian phase-specific induc-
tion of gene expression, including genes encoding their
own repressors, PER1–3, and CRY1–2. PERs and CRYs
are regulated post-translationally via phosphorylation,
degradation, and intracellular trafficking. Following their

translocation to the nucleus, PERs and CRYs negatively
regulate the CLOCK/BMAL1 heterodimeric activator
complex. An additional “core” clock loop involves the
regulation of Bmal1 synthesis by the competitive actions
of the nuclear hormone receptors REV-ERBα/β and RORα/
β (Takahashi 2015).
Cell-autonomous molecular clocks direct the timing

of cell type-specific functions as well as anticipate tis-
sue-specific environmental stressors. For example, the
molecular clock in mature skeletal muscle controls the
rhythmic expression of metabolic proteins to adapt to
the daily changes in muscle metabolic demand imposed
from feeding and movement (McCarthy et al. 2007;
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Dyar et al. 2014; Harfmann et al. 2016). Furthermore, we
and others have previously demonstrated that the mature
skeletal muscle clock can direct the activity of the hypox-
ia-inducible factor (HIF) pathway, a major regulator of
metabolic and hypoxic stress that occurs inmuscle during
strenuous exercise and ischemic injury (Peek et al. 2017;
Vaughan et al. 2020). However, little is known about the
role of clock HIF regulation during muscle regeneration,
a process that also requires hypoxia signaling through
the HIF pathway (Majmundar et al. 2015; Beaudry et al.
2016; Yang et al. 2017). Specifically, exposure to hypoxia
controls the maintenance and activation of muscle stem
cells (MuSCs, also called satellite cells), a small nonmyo-
fiber cell population responsible formuscle growth and re-
pair (Beaudry et al. 2016). It has also been proposed that
MuSCs undergo extensive metabolic reprogramming to-
ward anaerobic glycolysis to adapt to localized hypoxic
stress associated with muscle injury. This “hypoxic win-
dow” following injury is essential for the expansion of
myoblast progenitor populations prior to differentiation
into myofibers (Ly et al. 2020; Relaix et al. 2021). Thus,
metabolic control by environmental cues (e.g., hypoxia)
is a central component of MuSC-mediated muscle regen-
eration, andwe therefore hypothesized that clock-regulat-
ed hypoxia adaptation is central to this process.
Importantly, several studies have indicated a link between
circadian clock factors and the proliferation of MuSCs
(Chatterjee et al. 2013, 2015; Katoku-Kikyo et al. 2021).

In this study, we demonstrate that time of day dictates
skeletal muscle repair capacity following injury in vivo,
withmore rapid regeneration occurring after injury during
the night, which is the active phase for mice. Using condi-
tional genetics, we show that the autonomous clockwith-
in activated MuSCs and myoblasts is essential for muscle
repair, proper myogenesis, and adaptation to hypoxia. Fi-
nally, our findings indicate a role for the molecular clock
in MuSC metabolic adaptation to hypoxic environments
following muscle tissue injury through the regulation of
anaerobic glycolysis and cytosolic NAD+ regeneration.

Results

Muscle repair following tissue injury is time of day-
dependent and requires the autonomous muscle stem
cell clock

To assess the impact of the circadian clock and time of day
on muscle repair, we used a frequently used model for in-
jury of mouse skeletal muscle in which cardiotoxin (CTX)
is injected into the tibialis anterior (TA) muscle of the
hindleg (Couteaux et al. 1988; Chargé and Rudnicki
2004; Bentzinger et al. 2013; Hardy et al. 2016). Damage
incurred by CTX injection is rapid, resulting in disruption
of myofiber arrangement, variation in myofiber size, and
widening of the interstitial space between myofibers at
the site of delivery within 1 h (Mahdy et al. 2016). There-
fore, we reasoned that administration of this injurious tox-
in in the morning versus the evening would reveal phase-
specific differences in the regenerative response.We deliv-
ered CTX during the early rest period for the mouse (zeit-

geiber time [ZT] 4) as well as the early active period (ZT16)
and assessedmuscle repair by histology 7 d following inju-
ry (Supplemental Fig. S1A). We observed less repair of the
damaged muscle tissue following injury at ZT4 versus
ZT16 by histological quantification of muscle fiber size
and size distribution at the site of injury, consistent
with a recent study (Supplemental Fig. S1; Katoku-Kikyo
et al. 2021). To test whether time of day control of muscle
regeneration is affected by feeding and/or activity differ-
ences at the time of tissue collection, we repeated the ex-
periment inwhichmicewere collected at a phase opposite
to the time of injury (6.5 dpi) (Fig. 1A). We observed a dif-
ference in muscle fiber repair between mice injured at
ZT16 and ZT4 similar to that observed at 7 dpi, indicating
that the time of muscle injury influences the extent of re-
pair, with greater repair following injury during the active
phase (ZT16) (Fig. 1B–D). The time of day difference in
muscle regeneration prompted us to ask whether muscle
repair is under the control of the circadian clock. Indeed,
consistent with an earlier report (Chatterjee et al. 2013),
we observed significantly impaired muscle repair follow-
ing CTX injury in mice lacking the core clock activator
Bmal1 throughout the body (Supplemental Fig. S2). How-
ever, this does not elucidate the contributions of peripher-
al cell clocks versus central nervous system (CNS) clocks
such as those that control rhythmic behavioral feeding
and activity. Since the regenerative capacity of skeletal
muscle in response to injury relies on a rare population
of adultMuSCs residing between the basal lamina and sar-
colemma of muscle fibers (Yin et al. 2013), we hypothe-
sized that MuSC clocks might underlie time of day
differences in regeneration. To determine the contribu-
tion of the adult MuSC-autonomous circadian clock to
muscle regeneration, we generated adult life-inducible
muscle stem cell-specific Bmal1 (Bmal1musc) knockout
mice (Pax7-CreER; Bmalfx/fx) (Murphy et al. 2011). Using
an additional lineage-tracing allele (fx-STOP-fx-tdTo-
mato), we were able to confirm ∼82.3% loss of Bmal1
within Pax7+ cells after intraperitoneal tamoxifen deliv-
ery (Supplemental Fig. S3A–D). Following CTX-mediated
muscle injury at ZT16, the time of day corresponding to
the peak of Bmal1 expression in MuSCs (Solanas et al.
2017), Bmal1musc mice displayed reduced muscle fiber re-
generation at both 7 and 14 d postinjury (Fig 1E). This is
apparent by quantification of fiber size distribution at
the site of injury (Fig. 1F,G) as well as mean muscle fiber
size (Fig. 1H), demonstrating a requirement for the adult
MuSC molecular clock in muscle tissue injury repair.

Our observation of greater muscle repair following inju-
ry at ZT16 versus ZT4 in wild-type mice prompted to us
to ask how this relates to levels of Bmal1 expression. In
mature mouse skeletal muscle tissue, as well as other pe-
ripheral tissues such as the liver, peak Bmal1 gene expres-
sion occurs in the early rest period (approximately ZT0–4)
in mice (McCarthy et al. 2007; Koike et al. 2012; Dyar
et al. 2014). Notably, peak of Bmal1 expression in quies-
cent MuSCs is higher at ZT16 than at ZT4 (Supplemental
Fig. S3E), aligning with the time at which we observed
more efficient muscle regeneration (Fig. 1B–D). However,
further experimentation will be required to determine
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whether maximal repair aligns with the peak of BMAL1
transcriptional activity.

BMAL1 regulates primary myoblast proliferation
and differentiation

It has been shown indiverse animalmodels thatmuscle in-
jury coincides with a sharp decrease in oxygen concentra-
tions around the damaged site within the first hours to
days (Józsa et al. 1980; Kang et al. 2013; Scheerer et al.
2013; Hardy et al. 2016)—a time at which the activated
MuSCs begin propagating to give rise to sufficientmyonu-
clei before differentiation (Scicchitano et al. 2016; Forcina

et al. 2020). Indeed, we observed induction of the hypoxia-
responsive factor HIF1α in TAmuscles on days 1 and 3 af-
ter CTX injury (Supplemental Fig. S4A). In addition, anal-
ysis of previously published transcriptomic data from
MuSCs isolated at different time points followingCTX in-
jury (Latroche et al. 2017) revealed that the expression of
HIF1α and its canonical target genes, including Vegfa,
Cxcr4, and Epo, increase sharply after injury, peak at 2
dpi, and return to baseline by 4 dpi (Supplemental Fig.
S4B), suggesting thatMuSCs are under hypoxic stress dur-
ing the early stages ofmuscle regeneration.Our prior stud-
ies have established a role of the circadian clock in the
regulation of glycolytic and oxidative metabolism and in

E F

BA C

D

G H

Figure 1. Muscle regeneration following injury depends on time of day and themuscle stem cell-autonomous circadian clock. (A) Exper-
imental design: WTmice were injured with cardiotoxin (CTX) injection into TAmuscles at ZT4 or ZT16. Muscles were harvested at the
opposite time point at 6.5 d postinjury (dpi). n =5mice per group. (B) RepresentativeH&E- and laminin-stained sections of regenerating TA
muscles at the site of injury. Scale bar, 200 µm. (C,D) Muscle fiber size (cross-sectional area [CSA]) distribution (C ) and quantification of
the mean CSA (D) of nascent myofibers of regenerating TA muscles from WT mice injured at ZT4 and ZT16. (∗∗) P< 0.01 by two-sided
unpaired Student’s t-test. (E) Experimental design: Adult control and Bmal1musc mice received five consecutive daily intraperitoneal in-
jections of 100mg/kg tamoxifen in corn oil. After 7 d, micewere injected with CTX in TAmuscles and examined for muscle regeneration
at 7 and 14 dpi. n =6 mice per group. (F ) Representative H&E-stained sections of regenerating TA muscles from control and Bmal1musc

mice at 7 and 14 dpi. Scale bar, 200 µm. (G,H) Fiber size (CSA) distribution (G) and quantification of the CSA (H) of nascent myofibers
of regenerating TA muscles from control and Bmal1musc mice at 7 and 14 dpi. Data are represented as mean±SEM. (∗∗∗) P <0.001 by
two-sided unpaired Student’s t-test.
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the control of the HIF response to hypoxia, leading us to
hypothesize that hypoxic response to injury may be sub-
jected to circadian control (Peeket al. 2017). To investigate
the role of the circadian clock transcription pathway spe-
cifically within proliferatingmyoblasts, we first measured
the impact of Bmal1 loss on the proliferative response of

primary myoblasts obtained from TA muscle tissues of
wild-typeandBmal1–/–C57b6/Jmicewhenmaintainedei-
ther under normoxia (21% O2) or hypoxia (1% O2) for 24
h. We observed a major reduction in cell number by cell
counting with loss of Bmal1, which was exaggerated in
hypoxia (Fig. 2A), suggesting a role for Bmal1 in the
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Figure 2. The myoblast circadian clock controls cell proliferation and differentiation in hypoxia. (A) Cell number quantification by he-
mocytometer of WT and Bmal1–/– (KO) primary mousemyoblasts following exposure to normoxia (N; 21%O2) or hypoxia (H; 1%O2) for
24 h. (∗) P<0.05, (∗∗) P<0.01 by two-way ANOVAwith Tukey’s multiple comparisons test. (n.s.) Nonsignificant. (B) Experimental design:
RNA and ATAC sequencing of WT and Bmal1–/– myoblasts following 6 h in normoxia or hypoxia. n=3 per condition. (C ) Gene ontology
analysis using ShinyGO to determine pathway enrichment of differentially expressed genes (DEGs) betweenWT and Bmal1–/–myoblasts
in normoxia and hypoxia. A subset of genes with detectable expression (average normalized counts >0) from the myoblast RNA-seq data
set (19,862 genes in total) was used as the background gene set. (D) Heat map of DEGs important for cell proliferation and cell differen-
tiation that are enriched in WT and Bmal1–/– myoblasts, respectively. (E) MRF DNA motif enrichment within promoters of the DEGs
between Bmal1–/– and WT myoblasts. A subset of genes with detectable expression (average normalized counts >0) from the myoblast
RNA-seq data set (19,862 genes in total) was used as the background gene set. Dot sizes are proportional to the number of target sequences
containing the indicatedmotif. Dot colors are proportional to adjusted P-value. (H) Hypoxia, (N) normoxia. (F ) Experimental design: mea-
surement of myogenic capacity in WT and Bmal1–/– myoblasts following 24 h of preconditioning in normoxia versus hypoxia. (G,H) My-
osin heavy chain (MHC, top) and DAPI (bottom) staining (G) and quantification of differentiation index presented as the percentage of
MHC+ nuclei (H) following 72 h in differentiation medium. Scale bar, 1000 µm. Data are represented as mean±SEM. (∗) P<0.05, (∗∗) P
<0.01 by two-way ANOVA with Tukey’s multiple comparisons test. (n.s.) Nonsignificant.
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adaptation to hypoxic environments. To investigate
whether impaired cell proliferation ofBmal1–/–myoblasts
might be due to differences in BMAL1-regulated transcrip-
tion, we performed RNA sequencing of WT and Bmal1–/–

myoblasts following exposure to normoxia or hypoxia for
6 h (Fig. 2B; Supplemental Fig. S5A). We observed signifi-
cantly up-regulated (443 in normoxia vs. 477 in hypoxia)
and down-regulated (745 in normoxia vs. 796 in hypoxia)
genes in Bmal1–/– cells compared with wild type, with a
large degree of overlap between hypoxia and normoxia, al-
though the fold change of differential gene expression was
generally greater under hypoxia versus normoxia (Supple-
mental Fig. S5B,C).Geneontology analysis of significantly
up-regulated or down-regulated genes in Bmal1–/– myo-
blasts (in both oxygen conditions) revealed enrichment
of cell proliferation and muscle differentiation pathways
(Fig. 2C; Supplemental Fig. S5D). Specifically, Bmal1–/–

myoblasts displayed reduced expression of positive regula-
tors of cell proliferation and increased expression of pro-
myogenic (i.e., myofiber differentiation) genes (Fig
2D). Consistent with this, themaster regulator of differen-
tiation, MYOG, was increased at the protein level in
Bmal1–/– myoblasts—an effect that was enhanced in hyp-
oxia (Supplemental Fig. S5E). We also observed increased
enrichment of DNA motifs for myogenic regulatory fac-
tors (MRFs) within promoter regions of genes more highly
expressed inBmal1–/– cells versuswild type inhypoxia, in-
cluding MyoG and MyoD (Fig. 2E). This enrichment was
not observed in genes more highly expressed in wild-type
versus Bmal1–/– myoblasts, indicating a specific increase
in MRF activity with loss of Bmal1. Collectively, our
cell proliferation and RNA sequencing data (Fig. 2A–C)
point toward reduced cell proliferation and premature dif-
ferentiation of Bmal1–/– myoblasts during a time when
myoblasts are normally dividing and differentiation is
suppressed.
To assess the phenotypic impact of Bmal1 disruption

on myoblast differentiation, we cultured wild-type and
Bmal1–/– cells in prodifferentiation medium and mea-
sured the formation of multinucleated myofibers as well
as the presence of myosin heavy chain (MHC), a mature
muscle marker (Fig. 2F). Additionally, we tested the ef-
fects of hypoxia exposure prior to placement in differenti-
ation media, as occurs in vivo following ischemic muscle
injury. Unexpectedly, myofiber formation was impaired
in Bmal1–/– myoblasts compared with wild type, and
these effects were exaggerated following exposure to hyp-
oxia (Fig. 2G,H). Together, our data indicate that although
loss of Bmal1 in myoblasts leads to transcriptional chang-
es associated with the promotion of myoblast differentia-
tion, this is insufficient to drive proper myogenesis, and
other clock-regulated factors must be required for hypox-
ia-specific myogenic cell fate specification.

BMAL1 controls metabolic gene expression and
glycolysis in primary myoblasts

RNA sequencing of wild-type and Bmal1–/– myoblasts
(Fig. 2B) revealed many gene pathways associated with
metabolic pathways, such as glycolysis and fatty acid uti-

lization that are Bmal1-dependent (Fig. 3A). In hypoxia,
Bmal1–/–myoblasts displayed reduced expression of genes
encoding glucose transport and glycolytic proteins. These
genes include several known direct targets of HIF1α, in-
cludingHk2 andGlut1 (Slc2a1), which encode the first en-
zyme in glycolysis and a glucose transporter, respectively
(Fig. 3A [cluster C], B; Supplemental Fig. S6A,B), suggest-
ing thatBmal1–/–myoblastsmay experience defective glu-
cose utilization during hypoxia due to impaired induction
of HIF1α target genes. Indeed, like what we previously ob-
served in mature muscle (Peek et al. 2017), HIF1α protein
was reduced in Bmal1–/– myoblasts following exposure
to hypoxia (Supplemental Fig. S6C).
To directly test whether Bmal1–/– myoblasts display

impaired function at the level of glucose utilization we
performedmeasurements of extracellularmedium acidifi-
cation rate (ECAR) and oxygen consumption rate (OCR)—
readouts of lactate production and mitochondrial respira-
tion, respectively—under high glucose concentrations.
We observed impaired OCR and ECAR in Bmal1–/– myo-
blasts compared with wild type. Importantly, the ECAR
defect was exaggerated in Bmal1–/– myoblasts treated
with cobalt chloride (CoCl2), a “hypoxia mimetic” that
stabilizes HIF1α (Fig. 3C). These findings, together with
our transcriptomic data, demonstrate a hypoxia-specific
defect in HIF-dependent glucose utilization in Bmal1–/–

myoblasts.
In contrast to impaired glycolysis, we observed a hypox-

ia-specific increase in expression of the fatty acid trans-
porter Slc27a1 and the pyruvate dehydrogenase complex
(PDC) suppressor Pdk4 in Bmal1–/– myoblasts (Fig. 3B;
Supplemental Fig. S6B). As up-regulation of both Pdk4
and Slc27a1 has been shown to promote fatty acid oxida-
tion (FAO) (Sebastián et al. 2009; Pettersen et al. 2019),
we next compared the capacity of wild-type and
Bmal1–/–myoblasts to oxidize fatty acids usingOCRmea-
surements in the presence of the long chain fatty acid pal-
mitate. Bmal1–/– myoblasts displayed increased OCR in
the presence of exogenous palmitate versus wild-type
cells, which was more prominent under hypoxia (Fig.
3D). The induction of RNAs encoding genes that provide
FAO substrate together with relative preservation of oxi-
dative versus glycolytic metabolism by cellular bioener-
getics indicates a switch in Bmal1–/– myoblasts from
glucose to fatty acids during hypoxia. Consistent with
this, we observed increased phosphorylation at Thr172 of
the AMPK α subunit, a known nutrient stress sensor and
regulator of metabolic fuel selection (Supplemental Fig.
S6D), indicating activation of AMPK activity (Herzig and
Shaw 2018). We also observed reduced total ATP and in-
creased AMP/ATP ratio in Bmal1–/– myoblasts as well as
phosphorylation of Ser79 of acetyl-CoA carboxylase
(ACC), a target of AMPK and key enzyme in the switch be-
tween fatty acid oxidation and synthesis (Fig. 3E; Supple-
mental Fig. S6D).
An important metabolic adaptation to hypoxia is the

production of lactate from glycolysis-derived pyruvate
via the enzyme lactate dehydrogenase A (Ldha). This reac-
tion regenerates the cytosolic NAD+ pool necessary to
maintain the glycolytic flux. Consistently, anaerobic
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Figure 3. The myoblast circadian clock controls glycolytic and oxidative fuel selection. (A) KEGG pathway k-means clustering and en-
richment analysis using integrated differential expression and pathway analysis (iDEP) demonstrating enrichment inmetabolic pathways
in DEGs between Bmal1–/– (KO) and WTmyoblasts. (B) qPCR quantification of DEGs involved in metabolic pathways such as glycolysis
and FAO. (∗) P< 0.05, (∗∗) P <0.01, (∗∗∗) P <0.001 by two-wayANOVAwithTukey’smultiple comparisons test. (n.s.) Nonsignificant. (C, left
graph) ECAR fromWT and Bmal1–/– myoblasts treated sequentially with glucose, oligomycin (complex V inhibitor), and 2-deoxyglucose
(glycolysis inhibitor). (Right graph) OCR from WT and Bmal1−/− myoblasts treated sequentially with oligomycin, FCCP (carbonyl cya-
nide-p-trifluoromethoxyphenylhydrazone; uncoupling agent), and antimycin A/rotenone (ETC inhibitors). n= 6 wells per condition.
(∗∗∗) P<0.001 by two-way ANOVA with Tukey’s multiple comparisons test. (D) OCR measurements from WT and Bmal1–/– myoblasts
treated without or with 125 µM CoCl2 for 6 h, followed by palmitate-BSAwith either 4 µM etomoxir (FAO inhibitor) or vehicle control.
OCRmeasurements were taken as described inC. n =6 wells per condition. (∗∗) P <0.01, (∗∗∗) P <0.001 by one-way ANOVAwith Tukey’s
test formultiple comparisons. (E) Relative ATP, AMP/ATP, andNAD+ contents inWT and Bmal1–/–myoblasts cultured in normoxia and
hypoxia for 6 h. n=3 wells per condition. (∗) P< 0.05 by two-sided Student’s t-test comparing only genotype effect within each oxygen con-
dition. (n.s.) Nonsignificant. (F ) Immunoblots of histone acetylation at H3K9 and H4K16 in WT versus Bmal1–/– myoblasts following 0
and 6 h in hypoxia. Numbers below the gel images indicate average band intensity relative to total H3. (N) Normoxia, (H) hypoxia. (G)
Distribution of read count frequency within TSS regions from ATAC sequencing of WT and Bmal1–/– myoblasts. (H) Gene ontology bi-
ological process analysis using genes that display both increasedmRNA expression in Bmal1–/–myoblasts versusWT and nearby increas-
es in chromatin accessibility. (I ) IGV genome browser tracks showing RNA sequencing reads from known myogenic genes and ATAC
sequencing reads in nearby enhancer regions. (J) CentriMoDNAmotif analysis of ATAC sequencing data demonstrating higher frequency
of MRF motifs near peak centers in Bmal1–/– versus WT myoblasts. Data are represented as mean±SEM.
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glycolysis-related genes, including Ldha and the lactate
exporterMct4, are induced inMuSCs at the hypoxic stage
of regeneration (Supplemental Fig. S4C; Latroche et al.
2017). Therefore, we hypothesized that the ECAR defect
in Bmal1–/– myoblasts (Fig. 3C) results in lower levels of
cytosolic NAD+. Indeed, using high-performance liquid
chromatography (HPLC) we observed significantly lower
total NAD+ levels in Bmal1–/– myoblasts compared with
controls (Fig. 3E), indicating compromised NAD+ regener-
ation and energetic balance.
In addition to redox balance, cyto/nuclear NAD+ serves

as a cosubstrate for the class III histone deacetylase Sirtuin
1 (SIRT1), which catalyzes the deacetylation of histone ly-
sines (Imai et al. 2000; Landry et al. 2000; Tanno et al.
2007; Zhang andKraus 2010) and promotes a switch tomi-
tochondrial respiration under low nutrient conditions.
Therefore, we assessed the effects of Bmal1 loss on his-
tone acetylation in myoblasts. Bmal1–/– myoblasts dis-
played increased acetylation of two known SIRT1 target
lysines on histone H3 (K27) and H4 (K16) (Vaquero et al.
2007), consistent with lower SIRT1 activity compared
withwild-type controls (Fig. 3F). Importantly, these differ-
ences were most apparent in cells grown in hypoxia, con-
sistent with the increased reliance on anaerobic glycolysis
and cytosolic NAD+ production. Together, these data
point toward altered epigenetic regulation of Bmal1–/–

myoblasts due to impaired hypoxic NAD+ regeneration.
As histone acetylation is generally considered amark of

open chromatin that occurs at the enhancers and tran-
scriptional start sites (TSSs) of transcriptionally active or
poised genes (Wang et al. 2008; Barnes et al. 2019), we
next askedwhether loss ofBmal1 leads to altered chroma-
tin landscape consistent with the prodifferentiation tran-
scriptomic signature (Fig. 2B). Using assay for transposase-
accessible chromatin (ATAC) sequencing, we profiled
sites of differential epigenetic regulation between
Bmal1–/– and wild-type myoblasts in normoxia and hyp-
oxia. We observed increased overall chromatin accessibil-
ity surrounding TSS regions in Bmal1–/– versus wild-type
myoblasts (Fig. 3G; Supplemental Table S1). Furthermore,
integration of ATAC and RNA sequencing data showed
that the genes with increased chromatin accessibility in
their TSS regions displayed higher mRNA levels in
Bmal1–/–myoblasts versuswild type. Gene ontology anal-
ysis of these genes revealed enrichment of muscle lineage
differentiation pathways in Bmal1–/– myoblasts (Fig. 3H).
Furthermore, the regions of open chromatin in Bmal1–/–

cells include previously annotated enhancer regions, iden-
tified by the presence of H3K27ac (Blum et al. 2012),
which promote the transcription of genes that facilitate
myogenesis in injured muscle (e.g., Cystathionin γ-lyse
[Cth]) (Zhang et al. 2021) or participate in early myogene-
sis (e.g., Mylk4) (Fig. 3I; Shang et al. 2020). Finally, using
Centrimo DNA motif analysis of chromatin-accessible
sites (Bailey andMachanick 2012), we observed an enrich-
ment of promyogenic transcription factor motifs in
Bmal1–/– myoblasts, including MYOD1 and MYOG sites
(Fig. 3J).
Ourmyoblast data suggest that clockmutantmyoblasts

display impaired glucose utilization and NAD+ regenera-

tion as well as a shift toward fatty acid oxidation. These
changes are atypical for proliferating myoblasts that nor-
mally retain their anaerobic glycolytic capacity and even-
tually shift toward pyruvate entry into mitochondria (Ly
et al. 2020; Relaix et al. 2021). Consequently, we predict
that increased histone acetylation due to lower intracellu-
lar NAD+ and SIRT1 activity might lead to inappropriate
transcriptional induction of a prodifferentiation gene pro-
gram in Bmal1–/– myoblasts, leading to arrested growth
and reduced expansion of myonuclei during hypoxia.

BMAL1 controls activated MuSC proliferation and
glucose metabolism following muscle injury in vivo

Wenext sought to addresswhetherBmal1-dependent cou-
pling of transcription andmetabolismmediatesmuscle in-
jury repair in vivo. In support of this, FACS-based cell
quantificationdemonstrated thatwhile quiescent satellite
cell (QSC) numbers were unchanged with loss of MuSC
Bmal1 in uninjured TA muscle, there were significantly
fewer ASCs in Bmal1musc TA muscle at 3 dpi compared
with wild type (Fig. 4A), supporting impaired cell prolifer-
ation during the “hypoxic window” postinjury. Next, we
performed RNA sequencing of activated MuSCs (ASCs)
isolated fromTAmuscle at day3 post-CTX-mediated inju-
ry (3 dpi)—a time point that coincides with the peak of
myogenic cell proliferation (Fig 4B; Supplemental Fig. S7;
Liu et al. 2015). Similar to our findings in myoblasts (Fig.
2C,D), loss of ASC Bmal1 results in reduced enrichment
of genes involved in the positive regulation of cell cycle
and increased expression of genes that promote ASCmyo-
genesis (Fig. 4C). Interestingly, expression of the cell sur-
face sialomucin factor CD34, which promotes SC
proliferation (Alfaro et al. 2011), was reduced inBmal1-de-
ficient ASCs compared with control (Fig. 4D). Low levels
of CD34 expression were shown to indicate a “primed”
stem cell state that is committed to myogenic differentia-
tion (García-Prat et al. 2020). Additionally, the fatty acid
transporter protein CD36 was highly induced in Bmal1–/

–ASCs (Fig. 4D), consistentwith increased fatty acid trans-
porter expression inBmal1–/–myoblasts (Fig. 3B).Geneon-
tology analysis also revealed increased fatty acid
metabolism-related genes in Bmal1–/– ASCs, including
several components of the β-oxidation pathway (e.g.,
Cpt1, Cpt2, Acads, and Ech1) (Fig. 4E). Furthermore, the
previously reported autophagy enhancer Neuropilin2
(Nrp2) (Stanton et al. 2013) was decreased while the sup-
presser NADPH oxidase 2 (Nox2, also called Cybb) (Pal
et al. 2016) was increased in Bmal1–/– ASCs compared
with control cells (Fig. 4D), suggesting reduced autophagic
function inASCs upon loss ofBmal1. Together, these data
reveal a role of the MuSC circadian clock in ASC prolifer-
ation through regulation of metabolic, proteostasis, and
myogenic gene expression during the hypoxic “window”

following muscle injury in vivo.
From our myoblast data, we predicted that the clock

regulates cell proliferation and myogenesis through con-
trol of the metabolic adaptation to hypoxia, which is be-
lieved to occur rapidly (<1 h) after CTX injection due to
rapid destruction of myofibers and muscle structure
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(Mahdy et al. 2016). To test this, we sought to directly as-
sess the impact of clock disruption on ASC metabolism
following muscle tissue injury. A major limitation of
stem cell research is the technical difficulty associated
with the measurement of metabolites in rare cell popula-
tions (Perez-Ramirez and Christofk 2021). To overcome
this problem, we adapted a recently developed method
by DeVilbiss et al. (2021) to profile metabolite content
in as little as 10,000 freshly isolated MuSCs. Metabolite
extraction was done immediately after FACS isolation of

∼10,000QSCs from intactmuscles andASCs from injured
muscles on day 3, followed by LC-MS quantification of
known metabolites (Fig. 4F; Supplemental Fig. S8A). We
assessed metabolite concentrations in MuSCs taken
from wild-type and Bmal1–/– mice at 3 dpi (Fig. 4B). Of
the 250 metabolites detected in both wild-type and
Bmal1–/– ASCs, 42 (16.8%) of themwere significantly dif-
ferent in abundance between the two genotypes (Supple-
mental Fig. S8B). Strikingly, 33 of these 42 (78.6%)
metabolites were also significantly changed between
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Figure 4. MuSC clock regulates in vivo ASC proliferation as well as glucose and protein metabolism following injury. (A) FACS quan-
tification of quiescent (from uninjured TAs) and activated (from TAs at 3 dpi) stem cells isolated from Bmal1musc and control mice. (∗)
P< 0.05 by unpaired Student’s t-test comparing the difference between Bmal1musc and control SCs under a given status. (B) Experimental
design: Bmal1musc and control mice received five consecutive daily intraperitoneal injections of 100 mg/kg tamoxifen in corn oil. After 7
d, mice were injected in the TA muscles with CTX, and ASCs were isolated for RNA sequencing at 3 dpi. n=5 mice per genotype. (C )
GSEA plot of enrichment of cell proliferation- andmyogenesis-related genes amongDEGs fromBmal1musc and control ASCs. (D) Volcano
plot showing 23 down-regulated and 89 up-regulated genes in Bmal1musc ASCs compared with controls at 3 dpi. (E) GSEA plot showing
enrichment and heat map of fold change of fatty acidmetabolism-related genes in Bmal1musc and control ASCs. (F ) PCA plot demonstrat-
ing distinct metabolite profiles upon stem cell activation and loss of Bmal1. n= 5 control, n =8 Bmal1musc mice. (G) Quantification of
significantly (P < 0.05) different metabolites between Bmal1musc and control ASCs at 3 dpi. Data are represented as mean±SEM.
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wild-type QSCs and ASCs, indicating clock regulation of
key metabolic pathways altered during MuSC activation.
Bmal1–/– ASCs displayed reduced levels of glycolytic in-
termediates (fructose 1,6-bisphosphate and 6-phospho-
gluconate), TCA cycle intermediates (citrate/isocitrate),
and fatty acid metabolites, including acyl-carnitines (Fig.
4G). Similar to what we observed in myoblasts, these
data demonstrate altered glucose and fatty acid metabo-
lism in Bmal1–/– ASCs following in vivo muscle injury.
We also observed an increase in dipeptide intermediates

in Bmal1–/– ASCs compared with wild type (Fig. 4G),
which might be tied to reduced or impaired autophagic
function in the absence of Bmal1. Interestingly, autoph-
agy was previously shown to be induced in wild-type
ASCs between 1.5 and 5 d after muscle injury (Tang and
Rando 2014), and our in vivo muscle stem cell LC-MS
data demonstrate that many of the altered dipeptides in
Bmal1–/– ASCs are lower in wild-type ASCs (at 3 d postin-
jury) versus QSCs (Supplemental Fig. S8C). This may sug-
gest that the increase in dipeptide intermediates in
Bmal1–/–ASCs are tied to reduced or impaired autophagic
function.

Pyruvate supplementation restores hypoxic growth and
myogenic capacity in Bmal1–/– myoblasts

Glucose metabolism has been shown to be an essential
driver of MuSC fate and function through regulation of
histone acetylation (Ryall et al. 2015; Yucel et al. 2019).
Thus, we hypothesized that the MuSC clock might regu-
latemyogenic gene transcription and cell fate through the
control of glycolysis and NAD+-regeneration during the
hypoxic stage following injury. To test this, we assessed
whether rescue of the glycolytic product, pyruvate, could
repair defects of Bmal1 loss on myoblast hypoxic growth
and myogenesis (Fig. 5A). Bmal1–/– myoblasts cultured
in growth medium containing only glucose as a carbon
substrate displayed a dramatic reduction in hypoxic
growth (Fig. 5B), which was significantly rescued by addi-
tion of 2 mM pyruvate to the myoblast growth medium.
Additionally, pyruvate supplementation also restored
myofiber formation inmyoblasts exposed to hypoxia prior
to differentiation (Fig. 5C,D). The effect of pyruvate on
Bmal1–/– myoblast growth and myogenesis was not abro-
gated in the presence of UK5099, an inhibitor of the mito-
chondrial pyruvate transport carrier (MPC) (Bricker et al.
2012), suggesting that pyruvate entry into mitochondria
is not required to enhance pyruvate-dependent Bmal1–/–

myoblast growth (Fig. 5B–D). Furthermore, acetate, which
can be readily converted to acetyl-CoA in a number of cell
types, including stem cells (Moussaieff et al. 2015), only
slightly restoredmyoblast growth andmyofiber formation
in Bmal1–/– myoblasts, indicating that loss of pyruvate-
derived acetyl-CoA production may not underlie the
growth and differentiation defects (Supplemental Fig.
S9A–C). However, addition of α-ketobutyrate (AKB), a
four-carbon metabolite that serves as a substrate for
LDH-mediated regeneration of cytosolic NAD+ from
NADH (Sullivan et al. 2015), also restored proliferation
and differentiation of Bmal1–/– myoblasts grown in hyp-

oxia (Fig. 5B–D). Supplementation of nicotinamide mono-
nucleotide (NMN), the product of the NAD+ salvage
biosynthetic enzyme NAMPT, also had a partial effect,
again suggesting that NAD+ deficiency underlies the pro-
liferation and differentiation defects of Bmal1–/– myo-
blasts in hypoxia (Supplemental Fig. S9D–F). Finally,
lentiviral delivery of a water-forming NADH oxidase
from Lactobacillus brevis (LbNOX) (Titov et al. 2016),
which serves as a genetic tool for inducing a cytosolic con-
version of NADH toNAD+, also restored hypoxic prolifer-
ation and differentiation following growth in hypoxia of
Bmal1–/– myoblasts (Fig. 5E–G).
CytosolicNAD(H) cyclingcan regulate theactivityof the

NAD+-dependent deacetylase Sirtuin 1 (SIRT1) (Levine
et al. 2021). Therefore, we hypothesized that NAD+-depen-
dent histone deacetylationmight underlie the proliferative
andmyogenic defectswe observedwithBmal1 loss inmyo-
blasts. To test this, we assessed whether cytoplasmic
LbNOX could restore histone deacetylation in Bmal1–/–

cells. Consistent with raised cytonuclear NAD+, we ob-
served a reduction of both H3K9 and H4K16 acetylation
in Bmal1–/– myoblasts with LbNOX expression (Supple-
mental Fig. S9E). Taken together, these data demonstrate
a role for clock-dependent pyruvate production and NAD+

regeneration in the hypoxic proliferation of myoblasts and
ultimate differentiation into myotubes. Our findings em-
phasize the importance of assessing myoblast proliferation
under hypoxia, which provides a permissive environment
to supportmyogenicprogenitorproliferationwhileprevent-
ing premature differentiation through clock-controlled glu-
cose metabolism.

Discussion

While studies have reported on the transcriptomic role of
cell type-specific clocks, there has been a gap in knowl-
edge concerning the role of circadian clocks in the control
of cell identity and progression through developmental
programs. Since oxygen sensing is important for cell fate
determination in a number of systems (Ezashi et al.
2005; Yang and Levison 2006; Ji et al. 2009; Eliasson and
Jönsson 2010), the established connection between clock
and hypoxia transcription pathways poses an unexplored
connection between circadian timing and cell develop-
ment. Previous work has demonstrated clock regulation
of myoblast differentiation and muscle repair, indicating
a role for BMAL1 in the regulation of satellite cell expan-
sion (Andrews et al. 2010; Zhang et al. 2012; Chatterjee
et al. 2013, 2015; Solanas et al. 2017; Katoku-Kikyo
et al. 2021). However, how intrinsic MuSC clocks direct
gene expression changes following injury to promote
cell proliferation and differentiation is not understood.
Here, we reveal a novel developmental stage-specific
role for the molecular clock in adult muscle stem cell
metabolic flexibility and epigenetic control of cell fate
in response to hypoxic stress following injury.
Metabolic flexibility enables MuSCs to adapt to the

changing nutrient environments throughout muscle re-
generation and is intimately tied to epigenetic state and
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cell fate. For example, MuSCs in noninjured muscle favor
mitochondrial FAO, and SIRT1 is required to maintain a
deacetylated state at histone H4 lysine 16 to keep myo-
genic genes silent (Ryall et al. 2015). When activated
upon injury, MuSCs enter the cell cycle and induce path-
ways associated with glucose import and glycolysis (Ryall
et al. 2015; L’honoré et al. 2018; Pala et al. 2018). Twoma-

jor products of glycolysis include lactate (anaerobic glycol-
ysis) and acetyl-CoA (aerobic glycolysis), and MuSC
acetyl-CoA production has been proposed to drive histone
acetylation (Yucel et al. 2019). However, these studies
were performed in normoxic conditions, and our data
demonstrate that lactate production is increased during
hypoxic myoblast proliferation, indicating a switch
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Figure 5. Pyruvate supplementation or NAD+ replenishment restores hypoxic growth andmyogenesis in Bmal1–/–myoblasts. (A) Exper-
imental design: Primary myoblasts isolated from Bmal1musc mice were infected with control (Adv-control) or Cre-expressing (Adv-Cre)
adenovirus for 48 h to induce deletion of the Bmal1 gene. Myoblasts were cultured in “conditional” growth medium (GM) with the in-
dicated nutrients and/or drugs for either 48 h in 1% O2 for cell growth measurements (top) or 6 h in 1% O2 before changing to differen-
tiation medium (DM) in normoxia to allow for myogenic differentiation (bottom). (B) Cell number quantification by hemocytometer of
WTandBmal1–/– (KO) primarymyoblasts after culturing in hypoxia for 48 h. (∗) P<0.05 bymultiple unpaired Student’s t-tests. (C,D)MHC
and DAPI staining (C ) and quantification of differentiation index (percentage of MHC+ nuclei) following hypoxic pretreatment under the
indicated conditions (D; as described in A). (∗) P<0.05, (∗∗∗) P<0.001 by multiple unpaired Student’s t-tests. Scale bar, 400 μm. (E) Cell
number quantification by hemocytometer of WT and Bmal1–/– (KO) primary myoblasts with or without overexpression of LbNOX after
culturing in hypoxia for 48 h. (∗) P<0.05 bymultiple unpaired Student’s t-tests. (n.s.) Nonsignifciant. (F,G) MHCandDAPI staining (F ) and
quantification of differentiation index in WT and Bmal1–/– primary mouse myoblasts with or without overexpression of LbNOX (G; as
described in A). (∗) P< 0.05, (∗∗) P <0.01 by two-way ANOVA with Tukey’s multiple comparisons test. (EV) Empty plasmid vector. Data
are represented as mean±SEM.
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toward anaerobic glycolysis. Additionally, proliferation in
hypoxia and myogenesis are not restored in Bmal1–/–

myoblasts with acetate supplementation, which should
increase cellular acetyl-CoA and histone acetylation. In-
stead, raising cytosolic NAD+ levels—a necessary feature
of anaerobic glycolysis—is sufficient to rescue Bmal1–/–

myoblast proliferation in hypoxia and downstream myo-
genesis. Therefore, we predict that clock regulation of an-
aerobic glycolysis and cytosolic NAD+ acts to regulate
SIRT1 deacetylase activity and the genomic maintenance
of myoblast cell identity during the “hypoxic window”

postinjury. Interestingly, NAD+ biosynthesis has previ-
ously been shown to be important formuscle strength, en-
durance, and development (Frederick et al. 2016; Basse
et al. 2021), as well as MuSC numbers (Zhang et al.
2016). Future studies will be important to uncover wheth-
er NAD+ biosynthesis is also under control of the MuSC
clock and is important for muscle regeneration.
Muscle injury is usually accompanied by a rupture of

blood vessels, resulting in ischemia and sharp lowering
of regional O2 concentration. A previous study investigat-
ing the influence of muscle injury on local vasculature
showed an initial destruction of the capillary network fol-
lowed by angiogenesis and complete regeneration 1mo af-
ter CTX-mediated injury (Hardy et al. 2016). Depending
on the type of injury, the duration of local hypoxia is
∼4–10 d (Józsa et al. 1980; Kang et al. 2013; Scheerer
et al. 2013), with a peak of HIF1α mRNA and protein at
∼3.5 dpi in CTX-injured muscles (Drouin et al. 2019).
This transient low O2 state seems to provide a permissive
environment for MuSC activation, proliferation, and sub-
sequent differentiation (Urbani et al. 2012; Scheerer et al.
2013; Jash and Adhya 2015; Cirillo et al. 2017). Neverthe-
less, myogenesis studies often use cultured myoblast
models and frequently ignore this transient “hypoxicwin-
dow” that occurs in the in vivo setting. This is especially
important for Bmal1 in view of its role in the metabolic
adaptation in hypoxia (Peek et al. 2017;Wu et al. 2017). In-
deed, our studies reveal that Bmal1–/– myoblasts exhibit
reduced hypoxia-dependent metabolic gene expression
as compared with wild type (e.g., Hk2 and Glut1), as
well as impaired anaerobic glycolysis and growth in hyp-
oxic conditions. These data demonstrate a role for the cir-
cadian clock in activated MuSC adaptation to hypoxic
environments and propose that this underlies the im-
paired muscle regeneration observed in Bmal1musc mice.
Our transcriptomic and epigenetic profiling approaches

unexpectedly revealed that loss of Bmal1–/– in myoblasts
displayed increased expression of genes required for myo-
blast differentiation compared with controls, even under
hypoxia when these pathways are normally suppressed.
Bmal1–/– myoblasts display increased chromatin accessi-
bility surrounding MRF binding sites, including MyoD
and myogenin, again supporting a promyogenic transcrip-
tional and epigenetic state. One reason for this could be
premature activation of MRFs, and previous studies
have shown conflicting results on the effect of Bmal1
loss onMRF expression (e.g.,Myf5,MyoD, andmyogenin)
(Andrews et al. 2010; Chatterjee et al. 2013). Indeed, our
RNA sequencing data revealed thatMyoDmRNA expres-

sion remained unchanged while bothMyf5 andMyogenin
were significantly up-regulated in Bmal1–/– myoblasts
compared with wild type, suggesting that loss of Bmal1
leads to a transcriptionally and epigenetically differentia-
tion-prone state. Notably, a recent study demonstrated an
overall reduction in histone acetylation, including H3K9,
H3K18, H4K16, and H2BK5 in Pax7−MyoD+ differentiat-
ing progenitors compared with Pax7+MyoD+-activated
MuSCs (Yucel et al. 2019). This and other studies (Fran-
cetic et al. 2012; Hamed et al. 2013) have described site-
specific increases in histone acetylation and chromatin
accessibility around myogenic genes during differentia-
tion. In linewith this, our ATAC sequencing data revealed
enrichedMyoD and myogenin binding motifs in the open
chromatin sites specific to Bmal1–/– myoblasts, again
pointing toward a bona fide state of premature differentia-
tion. Surprisingly however, we did not observe enhanced
myofiber formation in cultured Bmal1–/– myoblasts, and
instead they are impaired for differentiation, particularly
following myoblast exposure to hypoxia, suggesting
that other mechanisms render them incompetent for
myogenesis.
Our transcriptomic results also indicate that Bmal1–/–

myoblasts are deficient for glycolysis compared with
wild type, and this effect is enhanced in hypoxia. We
therefore hypothesized that the hypoxia-specific myo-
blast growth and differentiation defects are tied to an in-
ability of Bmal1–/– myoblasts to adapt to increased
glucose demand when oxygen is limiting. Interestingly,
glycolytic gene expression is regulated by the HIF1α path-
way in many cell types, including skeletal muscle and
myoblasts (Mason and Johnson 2007; Sakagami et al.
2014), and our data indicate that Bmal1–/– myoblasts dis-
play reduced hypoxic HIF1α protein accumulation and ex-
pression of canonical HIF1α targets, including those
involved in glucose metabolism (Hk2 andGlut1). Togeth-
er, these data lead us to speculate that the impairedHIF1α-
mediated oxygen-sensing pathway may, at least in part,
underlie the hypoxic growth defect of Bma1–/–myoblasts.
While metabolic regulation is an important factor in

MuSC maintenance and differentiation, there remains a
major challenge in stem cell metabolite profiling due
to their low abundance (Perez-Ramirez and Christofk
2021). Here, we have performed the first, to our knowl-
edge, metabolomic profiling study of ∼10,000 MuSCs
taken directly from mouse muscle tissue both preinjury
and postinjury. By comparing metabolites enriched in ac-
tivated versus quiescent MuSCs, we detected many in-
termediate metabolites in glycolysis, TCA, and FAO
that would be predicted from transcriptomic studies per-
formed in these cell types (Pala et al. 2018), thus validat-
ing the utilization of this novel untargeted metabolomic
method. Consistent with our ASC and myoblast RNA
sequencing data, we observed a reduction in glycolytic
and TCA cycle intermediates in ASCs from Bmal1musc

mice at 3 dpi compared with control, indicating impaired
glycolysis. Strikingly, we also observed an accumulation
of dipeptides in Bmal1–/– ASCs. Further investigation is
required to determine whether this is tied to the incom-
plete autophagy-mediated protein catabolism.

MuSC clock in hypoxia signaling and muscle repair

GENES & DEVELOPMENT 159



In summary, here we uncovered a novel mechanism
connecting circadian clock-controlled metabolism to
cell fate and tissue repair. Specifically, we revealed that
loss of the MuSC-autonomous clock abrogates metabolic
and genomic responses to hypoxia and leads to impaired
myogenesis and regeneration. Future work will be re-
quired to understand the full scope of clock-controlled
muscle repair over the 24-h circadian time scale.

Materials and methods

Mice

C57BL/6J mice and B6.Cg-Pax7tm1(cre/ERT2)Gaka /J mice were pur-
chased from the Jackson Laboratory. Bmal1fx/fx mice (Johnson
et al. 2014) with an additional lineage-tracing allele (fx-STOP-
fx-tdTomato) (Jackson Laboratories stock no. 007676) were pro-
vided by Dr. Joseph Bass at Northwestern University. Muscle
stem cell-conditional deletion of Bmal1was achieved by crossing
Bmal1fx/fxtdTomatofx/fx mice with B6.Cg-Pax7tm1(cre/ERT2)Gaka /J
mice to generate Bmal1fx/fxtdTomatofx/fxPax7tm1(cre/ERT2) as well
as Bmal1+/+tdTomatofx/fxPax7tm1(cre/ERT2) control mice. Loss of
Bmal1 was induced by five consecutive daily intraperitoneal in-
jection of 20 mg/mL tamoxifen (100 mg/kg body weight; Sigma
T5648) in corn oil.Miceweremaintained on a 12:12 light:dark cy-
cle. All experiments were performed using 8- to 12-wk-old male
mice and following the guidelines of the Institutional Animal
Care and Use Committee at Northwestern University.

Skeletal muscle injury

Cardiotoxin-mediated tibialis anterior (TA) muscle injury was
adapted from previously described methods (Zhu et al. 2019).
Mice were anesthetized by intraperitoneal injection of a keta-
mine (80 mg/kg) and xylazine (10 mg/kg) cocktail. After shaving
the skin hair, TA muscles were injected with 50 μL of 10 μM
working solution of cardiotoxin (CTX; Millipore Sigma
217503-1MG) in saline using a 1-mL BD Slip Tip syringe (BD
309623).

Histology

To assess muscle regeneration, TAmuscles were dissected at the
indicated time points postinjury and wrapped with a thin layer of
Tissue-Tek O.C.T. compound (Fisher Scientific). The tissues
were then snap-frozen in liquid nitrogen-cooled isopentane and
stored at −80°C until analysis. Frozen TAs were cut into contin-
uous 10-μmcross-sections using a LeicaCM1860 cryostat. For he-
matoxylin and eoxin (H&E) staining, the frozen sections were
dried overnight at room temperature before staining. After a 5-
min rehydration in PBS, the sections were fixed with 10% forma-
lin (Millipore Sigma MR0458682) and then immersed in hema-
toxylin for 5 min to stain the nuclei. Excessive hematoxylin
was washed off by running tap water for 5 min followed by a
few quick dips in clarifier (Sigma A3179) for removal of nonnu-
cleus staining in the tissue. The slides were further subjected to
30-sec immersion with eosin solution for cytoplasm and connec-
tive tissue staining. After a successive transfer of the slides in gra-
dient ethanol for dehydration and xylene for transparency, the
slidesweremountedwith Permountmountingmedium (Electron
Microscopy Science 17986-01) and observed using a Keyence BZ-
X800 microscope.

Immunohistochemistry

Tissue sections were air-dried for 30 min at room temperature
and fixedwith 4% paraformaldehyde. After 15-min permeabiliza-
tion in 0.25%Triton X-100, the sectionswere blocked for nonspe-
cific binding sites with phosphate-buffered saline (PBS) with 5%
goat serum, 2% bovine serum albumin (BSA), and 1% Tween-
20 for 1 h followed by overnight incubation with anti-Laminin
(1:100 dilution; Sigma-Aldrich L9393) primary antibody in
diluent buffer (PBSwith 0.5%goat serum, 2%bovine serum albu-
min, 1% Tween-20) at 4°C. The slides were washed three times
with PBS, and the sections were then incubated with Alexa flu-
or 488-conjugated goat antimouse IgG secondary antibody
(1:1000 dilution; Invitrogen A28175) in diluent buffer for 1 h at
room temperature. The sections weremounted with VectaShield
HardSet antifademountingmediumwithDAPI (Vector Laborato-
ries H-1500-10) and observed using a Keyence BZ-X800 micro-
scope. The myofiber CSA was quantified using ImageJ software
(https://imagej.nih.gov/ij).

Immunofluorescence

Primary myoblast-derived myotubes were washed once with ice-
cold PBS, and fixed with acetone for 15 min at –20°C. The myo-
tubes were then permeabilized with 0.2% Triton X-100 and
blocked for nonspecific binding sites using 1% BSA for 1 h at
room temperature, followed by an overnight incubation with
antimyosin heavy chain antibody (1:50 dilution; DSHB MF20)
at 4°C. The cells were washed three times with PBS the next
day and incubated with Alexa fluor 488-conjugated goat anti-
mouse IgG secondary antibody (1:1000 dilution; Thermo Fisher
Scientific A28175) in 1% BSA for 1 h at room temperature. The
nuclei were stained with DAPI (5 μg/mL in PBS) for 5 min fol-
lowed by fluorescence imaging using an Evos FL cell-imaging mi-
croscope (Thermo Fisher Scientific).

Muscle cell isolation

Entire hindlimb (for myoblast cultures) or TA (for RNA and
ATAC sequencing as well as metabolomics) muscles were dis-
sected and cleaned by removing nonmuscle tissues and subjected
to digestion in Hams F-10medium (Corning 10-070-CV) contain-
ing 5 mg/mL collagenase D (Roche 11088866001) and 5 mg/mL
dispase II (Gibco 17105041) for 30min at 37°Cwith 500 rpmshak-
ing. The enzymatic digestion was terminated by adding a fivefold
volume of ice-cold cell suspension buffer (Ham’s F-10 with 10%
FBS, 3 mM EDTA). Digested muscle tissue was further mechan-
ically triturated by vigorous passing through a 10-mL pipette
(20 times) to release MuSCs from the attached myofibers. The
cell suspension was then filtered sequentially through 70- and
40-μm nylon mesh strainers (BD Biosciences), and the flow-
through was collected in a 15-mL conical tube and centrifuged
at 500×g for 5 min. Cell pellets were resuspended in 1 mL of
Pre-Sort buffer (BD Biosciences 563503), and Live-or-Dye 640/
662-negative (Biotium 32007), tdTomato-positive mononuclear
MuSCs were sorted using a BD FACSAria II cell sorter.

Myoblast isolation, culture, and differentiation

Myoblasts were prepared based on a previously described preplat-
ing strategy with minor modifications (Gharaibeh et al. 2008).
Briefly, muscle tissues were enzymatically digested as described
above using collagenase and dispase II. This crude suspension
was plated and expanded on a Matrigel-coated (Corning 354277)
60-mm dish in myoblast growth medium (Hams F-10/20% FBS/
1% penicillin–streptomycin [PS]/5 ng/mL basic fibroblast growth
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factor [bFGF; ProSpec CYT-218]) for 3 d. Cells were then trypsi-
nized and preplated on a regular tissue culture-treated 60-mm
dish for 1 h followed by transfer to another Matrigel-coated
dish. This passage strategy was repeated three times, at which
point themajority of nonmyoblast cells were eliminated. The en-
richedmyoblast cultures were thenmaintained in DMEM/Hams
F-10 (1:1) growth medium containing 20% FBS, 1% PS, and 5 ng/
mL bFGF. We confirmed >95%myoblast purity using this meth-
od by immunofluorescence using a Pax7-antibody (Developmen-
tal Studies Hybridoma Bank). For differentiation, myoblasts were
switched from growth medium into the differentiation medium
(DMEM/2% horse serum/1% PS) for 3–5 d. All of the loss-of-
function assayswere performed at least 48 h after infecting prima-
ry myoblasts with adenovirus expressing Cre (Adv-Cre) or empty
vector (Adv-Ctrl) (Vector Biolabs). Nutrients and chemicals used
for myoblast treatment were 2 mM sodium pyruvate (Sigma-
Aldrich P5280), 2 mM sodium acetate (Tocris 3159), 1 mM
α-ketobutyrate (Sigma-Aldrich K0875), 10 µM UK-5099 (Sigma-
Aldrich PZ0160), and 0.5 mM β-nicotinamide mononucleotide
(Sigma-Aldrich N3501).

Sample preparation for RNA sequencing

Myoblasts Total RNA from primary myoblasts was isolated us-
ing theDirect-zol RNAMicroPrep kit (ZymoResearch) and quan-
tified using Qubit RNA BR assay kit (Thermo Fisher Scientific
Q10210) for regular RNA sequencing. cDNA libraries were con-
structed from 1 μg of total RNA using the TruSeq stranded total
RNA library preparation kit (Illumina 20020596). DNA frag-
ments in the library were amplified with 15 PCR cycles, size-se-
lected using AMPure XP beads (Beckman Coulter A63880) for
enrichment of fragments between 200 and 500 bp, and sequenced
on the Illumina NextSeq 500 in a paired-end run (twice for 51 bp)
for a sequencing depth of ∼30 million reads per sample.

MuSCs Total RNA from FACS-sorted satellite cells was isolated
using SMART-seq v4 Ultra low input RNA kit (Takara Bio) for
low-input RNA sequencing. One-thousand Live-or-Dye 640/
662-negative, tdTomato-positive mononuclear satellite cells
were sorted directly into 200-μL conical Eppendorf PCR tubes
containing 10× lysis buffer and 3′SMART-seq CDS primer IIA
for first strand cDNA synthesis, followed by 10 cycles of PCR am-
plification and purification using the Agencourt AMPure XP kit
(Beckman Coulter A63880). The purified cDNAwas analyzed us-
ing the Agilent 2100 Bioanalyzer and Agilent’s high-sensitivity
DNA kit (Agilent 5067-4626). Three-hundred picograms of full-
length cDNA from the SMART-seq v4 Ultra low-input RNA
kit was processed with the Nextera XT DNA library preparation
kit (Illumina FC-131-1024). The PCR-amplified, size-selected
cDNA fragments were visualized using the Agilent 2100 Bioana-
lyzer andAgilent’s high-sensitivityDNAkit and quantified using
Qubit dsDNA HS assay kit (Thermo Fisher Scientific Q32851).
Pooled libraries were sequenced on a Novaseq 6000 instrument
(Illumina) in a paired-end run (twice at 51 bp) for a sequencing
depth of ∼50 million reads per sample.

RNA sequencing analysis

Raw BCL files were converted to demultiplexed, paired-end read
FastQ files using bcl2fastq software (v2.19.1). Adaptor sequences
were trimmed using the Trimmomatic (v0.33) tool (Bolger et al.
2014), and the trimmed reads were mapped to the mm10 Mus
musculus reference genome using STAR aligner (v2.5.2) (Dobin
et al. 2013). The number of alignments mapped to each gene
was counted using RSEM (v1.3.3) (Li and Dewey 2011). The iso-

form-level RSEM quantifications were passed to DESeq2 (Love
et al. 2014) using the tximport package (Soneson et al. 2016) by
setting type to “rsem,” and “txIn” and “txOut” to “TRUE.”
When performing differential gene expression analysis on in vitro
myoblast sequencing data, the differences in response to treat-
ment between genotypes were taken into consideration by using
a design of ∼genotype+ condition (normoxia versus hypoxia) + ge-
notype:condition. Differentially expressed genes (DEGs) were
generated through the results function inDESeq2 and further cor-
rected for multiple testing (an adjusted P-value was generated us-
ing the Benjamini-Hochberg correction). Gene counts for the
differentially expressed genes were visualized using the pheat-
map (v1.0.12) and EnhancedVolcano (version 1.2.0) packages in
R (v3.6.1). KEGG pathway enrichment and gene ontology analy-
ses were performed using gene set enrichment analysis (Subrama-
nian et al. 2005) for in vivo MuSC analysis, or EnrichR (Kuleshov
et al. 2016) and ShinyGO (v0.66) (Ge et al. 2019) for in vitro myo-
blast analysis. De novo motif discovery was performed on DEGs
using the HOMER (v4.10) (Heinz et al. 2010) findMotifs.pl pro-
gram by searching for motifs of length 6, 8, and 10 bp from
−1000 to +500 bp relative the TSS.

Sample preparation for ATAC sequencing

ATACsequencingmethods formyoblastswas adapted froma pre-
viously published protocol (Buenrostro et al. 2013). Briefly, myo-
blasts in six-well plates were washed once with 1× PBS, scraped,
and collected in 1.5-mL Eppendorf LoBind microcentrifuge tubes
by a 500×g centrifugation for 5min at 4°C. The cellswere permea-
bilized in 50 μL of detergent-added ATAC buffer (DAB; 10 mM
Tris-HCl at pH 7.4, 10 mM NaCl, 3 mM MgCl2, 0.1% IGEPAL,
0.1% Tween-20, 0.01% digitonin), followed by a 3-min incuba-
tion on ice. One milliliter of ice-cold resuspension buffer with
Tween-20 (RSB-T; 10 mMTris-HCl, 10 mMNaCl, 3 mMMgCl2,
0.1% Tween-20) was added, and tubes were inverted three times
to mix. The cell suspension was further passed through a BD in-
sulin needle once to completely lyse the cells and release the nu-
clei. The density of the resulting nuclear suspension was
calculated by hemocytometer counting. A volume corresponding
to ∼50,000 nuclei was transferred to a new LoBind tube and spun
at 500×g for 10 min at 4°C to pellet nuclei. After carefully remov-
ing the supernatant, the nuclear pellet was resuspended in 50 μL
of transposition mixture (Illumina Tagment DNA enzyme and
buffer small kit 20034197) with 0.01% digitonin and 0.1%
Tween-20 and incubated for 30 min at 37°C in a thermomixer
with shaking at 1000 rpm. The tagmented chromatin DNA was
purified using Minelute Qiagen cleanup kit (Qiagen 28206), and
then subjected to PCR-based indexing and library amplification
using NEBNext high-fidelity 2× PCR master mix (NEB M0541).
The amplified libraries were size-selected using Pippin Prep
(2% gel cassette for 100- to 600-bp fragments) and purified using
AMPure XP beads (Beckman Coulter A63880). The libraries were
then quantified individually using theNEBNext libraryQuant kit
(NEB E7630) and pooled for sequencing on an Illumina NextSeq
500 in a paired-end run (twice at 51 bp) for a sequencing depth
of ∼30 million reads per sample.

ATAC sequencing analysis

The paired-end FastQ files were concatenated and the trimmed
reads were mapped to the mm10 Mus musculus reference ge-
nome using Bowtie2 (v2.4.1) (Langmead and Salzberg 2012)
with default parameters except for use of the “–very-sensitive”
option. The aligned readswere filtered sequentially formitochon-
drial DNA (by SAMtools v1.10.1), PCR duplicates (by Picard’s
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Markduplicates program), and nonunique alignments with map-
ping quality (MAPQ) score <30 (by SAMtools v1.10.1), and then
subjected to peak calling using MACS2 with parameters “-f
BAMPE -g mm –keep-dup all.” The defined ENCODE blacklist
regions were excluded from the called peaks using the BEDtools
(v2.29.2) intersect function. Comparison of the average profile
of ATAC peak binding from −500 to +500 relative to the TSS
was performed using the ChIPseeker (v1.26.2) R package (Yu
et al. 2015). Differential accessibility analysis was performed by
following the workflow provided in an earlier study (Reske
et al. 2020). The identified sites of differential chromatin accessi-
bilitywere annotated using theHOMER (v4.10) annotatePeaks.pl
program. The local enrichment of motifs centered in the input
peaks relative to wild-type control under hypoxia condition was
identified using the CentriMo online tool (Bailey and Machanick
2012).

Western blotting

Western blotting was performed as previously described (Peek
et al. 2017). Briefly, myoblast whole-cell lysates were prepared
in CelLytic MT mammalian tissue lysis reagent (Sigma C3228)
supplemented with protease inhibitors (Sigma P8340). Each
snap-frozen mouse TA muscle was placed in 500 μL of CelLytic
MTmammalian tissue lysis reagent supplemented with protease
inhibitors and homogenized using a TissueLyser II apparatus
(Qiagen). Protein levels were quantified using a DC protein assay
(Bio-Rad 5000111), subjected to SDS-PAGE gel electrophoresis,
and transferred onto 0.45-μm nitrocellulose membranes (Bio-
Rad 1620115). Primary antibodies used were anti-HIF1α (1:1000
dilution; Cayman 10006421), BMAL1 (1:1000 dilution; Cell Sig-
naling 14020), phospho-AMPKα (Thr172; 1:1000 dilution; Cell
Signaling 2535), AMPKα (1:1000 dilution; Cell Signaling 5831),
phospho-acetyl-CoA carboxylase (Ser79; 1:1000 dilution; Cell
Signaling 11818 ), acetyl-CoA carboxylase (1:1000 dilution; Cell
Signaling 3676), Beclin-1 (1:1000; Cell Signaling 3495), LC3A/B
(1:1000; Cell Signaling 12741), Atg3 (1:1000; Cell Signaling
3415), Atg5 (1:1000; Cell Signaling 12994), Atg7 (1:1000; Cell Sig-
naling 8558), anti-β-Actin (1:10,000 dilution; Cell Signaling
4970), acetyl-Histone H4 (Lys16; 1:1000 dilution; Cell Signaling
13534), Histone H3 (1:1000; Cell Signaling 4499), and Histone
H3 (acetyl K9; 1:1000 dilution; Abcam ab4441).
For histone modifications, total histone extracts were prepared

using a histone extraction kit (Abcam ab113476). The histone ex-
tracts were subjected to 15% SDS-PAGE and transferred to 0.2-
μm nitrocellulose membranes (Bio-Rad 1620112). Primary anti-
bodies used were anti-acetyl-Histone H4 (Lys16; E2B8W; 1:1000
dilution; Cell Signaling 13534), anti-Histone H3 (acetyl K9;
1:1000 dilution; Abcam ab32129), and anti-Histone H3 (D1H2;
1:1000 dilution; Cell Signaling 4499).

Oxygen consumption rate (OCR) and extracellular medium acidification
rate (ECAR) measurements

OCR and ECAR were measured in myoblasts as previously de-
scribed (Peek et al. 2017). Briefly, primary Bmal1fx/fx myoblasts
were infected with control- or Cre-expressing adenoviruses for
48 h followed by replating in Seahorse XF 96-well culture plates
at equal density (2 × 104 cells per well). Cells were allowed to ad-
here for 2 h and then cultured for 6 h in the absence or presence of
125 µM CoCl2. At the end of treatment, the growth mediumwas
replaced with serum-free Seahorse XF media in the absence (for
ECAR) or presence (for OCR) of glucose and equilibrated in a
37°C CO2-free incubator for 45 min followed by Seahorse mea-
surement. OCR and ECAR were measured before and after

sequential ejection of 10 μM oligomycin and 10 μM carbonylcya-
nide-p-trifluoromethoxyphenylhydrazone (FCCP; for OCR) or 10
mM glucose and 10 μM oligomycin (for ECAR).

Long chain fatty acid oxidation assay (LCFAO)

LCFAO was measured on a Seahorse bioanalyzer using the Sea-
horse XF palmitate oxidation stress test kit (Agilent 103693-
100). Briefly, myoblasts were plated at a density of 20,000 cells/
well in 96-well Seahorse culture plates and allowed to attach
for 2 h in complete growth medium. Cells were then changed
into a substrate-limited growth medium (Seahorse XF DMEM
supplemented with 0.5 mM glucose, 1 mM glutamine, 1% FBS,
0.5 mM XF L-carnitine) and incubated overnight. During the
last 5 h of this incubation, 125 μM CoCl2 was added to the indi-
cated wells. Media were then replaced with substrate-limited as-
say media (Seahorse XF DMEM supplemented with 2 mM
glucose, 0.5 mM XF L-carnitine) with or without 125 μM CoCl2,
and the plate was placed in a non-CO2 37°C incubator for 1
h. Media were then aspirated and replaced with 150 μL of sub-
strate-limited assay media with either 30 μL of palmitate-BSA
or BSA alone. OCRwasmeasured before and after sequential ejec-
tion of 4 μM etomoxir, 10 μM oligomycin, and 10 μM FCCP.

Nucleotide measurements

Nucleotide measurements were performed using HPLC as previ-
ously described (Peek et al. 2013). Briefly, myoblasts in 60-mm
culture dishes were washed once with 1× PBS followed by addi-
tion of 300 μL of 10% (1.66 M) perchloric acid (Sigma 244252).
The cells were then scraped into 1.5-mL tubes and lysed for 10
min on ice followed by centrifugation at 18,000×g for 5 min at
4°C. Supernatant (150 μL) was transferred to a new 1.5-mL tube
and neutralized with 50 μL of 3 M K2CO3. The tubes were vor-
texed and incubated for 10 min on ice, followed by a centrifuga-
tion at 18,000×g for 5 min at 4°C. One-hundred microliters of
supernatant from each tube was transferred to HPLC vials con-
taining 100 μL of 1× phosphate buffer, and NAD+ and ATP were
measured on a Shimadzu LC-20A pump and UV-VIS detector
with a Supelco LC-18-T column (15 cm×4.6 cm). The HPLC
was run at a flow rate of 1 mL/min with 100% buffer A (0.5 M
KH2PO4, 0.5 M K2HPO4) from 0 to 5 min, a linear gradient to
95% buffer A/5% buffer B (100% methanol) from 5 to 6 min,
95% buffer A/5% buffer B from 6 to 11 min, a linear gradient to
85% buffer A/15% buffer B from 11 to 13 min, 85% buffer A/
15% buffer B from 13 to 23 min, and a linear gradient to 100%
buffer A from 23 to 30 min. NAD+ eluted as a sharp peak at 14
min and was normalized to protein content of cultured cells.

Muscle stem cell metabolomics

For ASC and QSC metabolomics analyses, muscle stem cells
were isolated and prepared in a modified protocol to minimize
the timing of isolation.MuSCswere collected only fromTAmus-
cles thatwere kept in ice-cold PBS after dissection until digestion.
The following procedures were all performed in a 4°C cold room
or on ice. Muscles were minced quickly into small pieces in 1×
HBSS (Gibco 14185052) containing 10 mg/mL collagenase D
(Roche 11088866001) and 10 mg/mL dispase II (Gibco
17105041) for 15 min at 37°C with 1000 rpm shaking. The enzy-
matic digestion was stopped by adding fivefold volume of 1×
HBSS containing 0.5% BSA (Sigma A7906), and the extracts
were further mechanically triturated through vigorous passing
through a 10-mL pipette prechilled in –20°C (10 times) to release
MuSCs from the attached myofibers. The resulting cell
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suspension was then filtered through a 40-μm nylon mesh
strainer (BD Biosciences), and the flow-through was collected in
a 15-mL conical tube and centrifuged at 500×g for 5 min at 4°C.
The cell pellet was resuspended in 500 μL of sorting medium
(1×HBSS/0.5%BSA) containing 1 μL of Live-or-Dye 640/662 (Bio-
tium 32007), and immediately subjected to FACS sorting. Sam-
ples were then collected in 1.5-mL Eppendorf tubes (kept very
clean to avoid contamination) that were preloaded with 40 μL
of ice-cold acetonitrile (Fisher Scientific, Optima) and stored at
–20°C until right before sorting. A clean microfuge tube opener
(USA Scientific) was used to open and close the tubes in order
tominimize chance of contamination from gloves. Ten-thousand
Live-or-Dye 640/662-negative and tdTomato-positive MuSCs
(∼10 μL) were sorted at a flow rate of no more than 4.4 μL/min
to reduce the shear stress. The tubes were centrifuged briefly to
bring down all the liquid in the bottom and placed on dry ice.
Sheath blanks (10 μL of sheath fluid in 40 μL of acetonitrile) and
solvent blanks (50 μL of acetonitrile) were prepared as controls
to determine the level of metabolite contamination. Metabolites
were extracted using a previously described method (DeVilbiss
et al. 2021) and analyzed immediately by LC-MS. Liquid chroma-
tography was performed with a Vanquish Flex UHPLC (Thermo
Scientific) using a Millipore Sigma ZIC-pHILIC column (2.1 ×
150, 5 μm) with a binary solvent gradient composed of water con-
taining 10 mM ammonium acetate (pH 9.8) and 100% acetoni-
trile. All mass spectrometry data were acquired using a Thermo
Scientific QExactive HF-X mass spectrometer operating in polar-
ity-switchingMS1-only mode. Each polarity was acquired at a re-
solving power of 120,000 full width at half maximum (FWHM);
and the automatic gain control (AGC) target was set to
1,000,000 with a maximum inject time of 50 msec. The scan
range was set to 80–1200 Da. Instrument performance was evalu-
ated before each experiment by analyzing a quality control sam-
ple: 20 µL of freshly obtained rat serum.

Technical note on flow cytometer preparation Before each FACS col-
lection, the BD FACSAria II cell sorter was thoroughly cleaned to
minimizemetabolite contamination. Specifically, a fluidics shut-
down protocolwas performed after turning on the flow cytometer
by connecting an ethanol tank containing 70% ethanol. The eth-
anol tank was then replaced by a clean, metabolomics-dedicated
FACSAria sheath tank that was prerinsedmultiple times with ul-
trapurewater and filled with freshlymade 0.5× PBS (Sigma 79382)
dissolved in ultrapure water, and connected to the sorter using a
dedicated 0.22-μm filter. The fluidics startup protocol was per-
formed using 0.5× PBS sheath fluid, followed by two rounds of
clean flow cell protocols with Windex that was allowed to sit in
the flow cell for 5–10 min after the running the protocol. Steam
was then run through the flow cytometer at maximum flow
rate (11 μL/min) to flush Windex and any remaining debris in
the flow cell. Meanwhile, the 70-μm nozzle was sonicated for 3
min and confirmed by microscopy to be free of debris. Before in-
stalling the nozzle, the sort chamber was cleaned with a lint-free
wipe and cotton swabs. After inserting the nozzle, 5 mL of
Windexwas then run atmaximum flow rate (11 μL/min) followed
by ultrapure water and then steam to clean the sample line. The
flow cytometer was set to four-way purity sort mode tominimize
droplet size.

Statistical analysis

Statistical analysis was performed by unpaired two-tailed Stu-
dent’s t-test inmost cases exceptwhen otherwise noted in the fig-
ure legends. Where appropriate, data are represented as mean±
SEM. Two-way ANOVA was performed to compare the effect of

both Bmal1 expression and LbNOX expression on myoblast dif-
ferentiation. Differences were considered statistically significant
when P <0.05.
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