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Bacterial biofilms are a big menace to industries and the environment and also in the health sector, accumulation of which is a
major challenge. Despite intensive efforts to curb this issue, a definitive solution is yet to be achieved. Enzyme-templated
disruption of the extracellular matrix of biofilm and its control and elimination are emerging as an efficient and greener strategy.
The study describes the antibiofilm potential of alpha-amylase from the marine microorganism Pantoea agglomerans PCIO05,
against food-borne pathogens. Amylase exhibited stability in a wide pH range and retained 50% of its activity at temperatures as
high as 100°C. Thermal analysis of the enzyme produced showed thermal stability, up to 130°C. From these findings, it can be
envisaged that the alpha-amylase produced from P. agglomerans can be used for starch liquefaction; it was also evaluated for
antibiofilm activity. Amylase from this marine bacterium was found to efficiently disrupt the preformed biofilms of food-borne
pathogens such as Bacillus cereus, Serratia marcescens, Vibrio parahaemolyticus, Listeria monocytogenes, and Salmonella enterica
enterica serotype Typhi based on the value of biofilm inhibitory concentrations.

1. Introduction

The marine environment is a treasure trove of biochemical
and microbial diversity [1]. This microbial diversity is dis-
tinguished by its ability to provide plenty of resources,
namely, novel genes, enzymes, and biocatalysts. The marine
environment is rich in microorganisms with unique di-
versity that provide plenty of resources, namely, novel genes,
enzymes, and biocatalysts. a-Amylase-producing microor-
ganisms from different marine habitats have been reported
earlier [2-4]. These microbes have characteristic features,
including B/« barrel structure favoring, hydrolysis, or the

creation of glycosidic bonds, with « (alpha) conformation,
and have several retained amino acid residues in the active
site [5].

Alpha-amylase is a hydrolase found in a wide range of
microorganisms and animals [6]. The polysaccharide in
seeds and tubers of plants contain O-glycosidic bonds which
undergo specific cleavage in the presence of alpha-amylase.
This is of great significance in the perspective of techno-
logical applications in a variety of industries, including food
processing, breweries, paper, medicines, and sugar [5, 7, 8].
They are also used in operations including the liquefaction of
starch in traditional drinks, baking, and textile industry for
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fabric desizing [9-11]. Furthermore, they have applications
in the pharmaceutical industry as digestives and detergent
additives [12]. Starch depolymerization by alpha-amylase is
the basis of many industrial processes including the pro-
duction of dextrose syrups, baking, and brewing. The di-
gestion of starch in animals aided by amylases results in the
formation of simple sugars that are involved in a variety of
metabolic processes [13].

Bacterial biofilms pose a serious risk to both industry and
the environment, as well as having clinical implications
[6, 14, 15]. Many companies are still grappling with how to
monitor and control the biofilm formation caused by these
infections. Polysaccharides, proteins, nucleic acids, lipids,
and humic substances are common components of exo-
polysaccharides (EPS) in biofilms [16, 17]. Although several
strategies for controlling biofilms have been developed, the
search for new, natural, and more effective technologies is
still going on [18-22]. Numerous methods are used for the
prevention of formation and destruction of biofilms, in-
cluding chemical treatments and cleansing by mechanical
means of cleaning, such as scraping, sonication, freezing,
and thawing [23].

However, complete elimination of biofilms by these
methods is difficult to attain because of the presence of EPS.
Utilizing enzymes for the removal of biofilms through the
destruction of the physical integrity of the matrix of the
latter, that is, EPS, would be an eflicient strategy [24]. A
couple of studies dealing with the biofilm removal effi-
ciency of enzymes like proteases, papain, alpha-amylase,
and cellulase have indicated that their potency could be
linked to the hydrolytic rupture of a substrate, EPS. Fur-
thermore, these enzymes contributed to the digestion of
slime layers developed by cultures of pure and mixed
bacterial strains [25, 26]. The presence of EPS causes
variations in the architecture of biofilm which can be
correlated to the enhanced resistance to potential biocides.
In other words, EPS must be destroyed for the perpetual
elimination of biofilm.

Enzymes are environmentally benign since they degrade
quickly. Pantoea agglomerans is a Gram-negative aerobic
bacillus that can be found in a variety of biological niches
such as aquatic habitats, soils, and sediments. This bacterium
has several uses, including biological control agents [27] and
production of antibiotic-like chemicals (herbicolins, pan-
tocins, putative phenazine, and other unknown compounds)
[28]. This bacterium was isolated from the Moroccan At-
lantic Ocean, and its antagonistic action against specific
human infections was investigated [29]. P. agglomerans has
previously been shown to produce alpha-amylase from pea
leaves [30]. However, a thorough review of the literature
revealed that there is little research on the generation and
activity of alpha-amylase by marine P. agglomerans. We
believe that the amylase generated by marine P. agglomerans
has extensive antibiofilm action. The objective of this study
was to isolate and characterize the antibiofilm action of
alpha-amylase produced by this marine bacterium against
food-borne pathogens.

2. Materials and Methods

2.1. Sampling and Isolation of Bacteria. During September
2019, surface seawater samples were taken aseptically from
the Arabian Ocean’s intertidal zone, Thirumullavaram
(08°54’ N and 76°38' E) of Kerala’s Kollam district on India’s
southwest coast (early morning, 7 AM). The average surface
temperature was 29°C, the pH was 7.7, the mean dissolved
oxygen was 8.93mg/L, and the salinity was 32 ppt at the
collection site. The samples were immediately transported to
the laboratory in a cold box, filtered through Whatman No. 1
filter paper, and one milliliter (without dilution) was in-
oculated onto Zobell marine agar plates (HiMedia Labo-
ratories, India) and incubated for two days at 30°C [31]. Pure
cultures were obtained by picking and inoculating mor-
phologically different colonies on Zobell marine agar plates
until pure cultures were achieved, as proven by colony
homogeneity and Gram staining criteria. On the same agar,
different colonies were grown at 4°C.

2.2. Screening for the Amylase Producer. Isolated colonies
were streaked onto soluble starch agar medium prepared by
dissolving 20.0 g starch in one liter of distilled water with a
pH of 7.0 and adding 10.0g casein enzyme hydrolysate,
20.0 g sodium chloride, and 15.0 g agar. To achieve sufficient
growth, inoculated plates were kept at 37°C for two days. By
flooding the plates with Gram’s iodine solution and eval-
uating colonies with clear zones as amylase producers, the
isolates’ starch hydrolyzing capacity was observed [31].

2.3. Identification of the Potent Amylase Producer.
Standard procedures were used to determine the morpho-
logical, physiological, and biochemical properties of the
amylase producer PCIO5 [32]. The following tests were
performed for identification: oxidase, catalase, indole, ni-
trate reduction, citrate utilization, ONPG (-galactosidase),
triple sugar iron, lysine decarboxylase, ornithine decar-
boxylase, phenylalanine deaminase, and esculin hydrolysis,
and hemolysis phylogenetic analysis was used to further
confirm the isolates. Genomic DNA was obtained using a
modified CTAB/NaCl technique for this. DNA was am-
plified using the universal 16S rRNA eubacterial forward
primer (5 GAGTTTGATCCTGGCTCAG 3') and reverse
primer (5’AGAAAGGAGGTGATCCAGCC 3'). The am-
plified product was then partially sequenced, and the iso-
late’s 16S rRNA sequence was BLAST-evaluated using
GenBank’s MegaBLAST program (http://www.ncbi.nlm.nih.
gov/) [33, 34]. The taxonomic affiliations of the isolate
PCI05’s 16S rRNA sequencing were obtained using RDP 11
Classifier tool. Representatives of each isolate’s maximal
homologous sequence were collected using the RDP 11
SeqMatch tool and used to establish phylogenetic affiliation.
The neighbor-joining (NJ) approach was used to create a
phylogenetic tree in the MEGA 6 release (data not shown)
[35].
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2.4. Submerged Fermentation. Submerged fermentation was
carried out in a 250 ml Erlenmeyer flask with 100 mL of basal
medium (production medium) containing KCl 0.5g,
KH,PO, 1.0g, NaNO; 3.0g, MgSO,.7H,O0 0.5g,
ZnS04.2H,0 0.1g, CuSO.5H,0 0.1g, FeSO,.7H,0 0.1g,
FeSO47H20 0.1 g, FCSO47H20 0.1 g, FeSO47H20 0.1 g,
FeSO,.7H,0 0.1 g, FeSO. The production medium was then
inoculated with 1 ml of a two-day-old bacterial suspension
cultured in Zobell marine isolation broth. The flasks were
then inoculated and incubated at 37°C for two days with
intense aeration at 250 rpm. After incubation, the fermented
production media were centrifuged at 11,000 x g for 20
minutes, and the resulting cell-free supernatant (CFS) was
filtered through a 0.22 m filter.

All experiments in triplicate were performed under
varying conditions of temperature; pH; concentrations of
carbon (fructose), nitrogen (ammonium nitrate) sources,
and sodium chloride; and incubation period [31]. The data
are presented as mean + standard error, using a one-factor-
at-a-time approach. The Phadebas amylase test [36] was used
to determine the enzyme’s purity.

2.5. The Activity of a-Amylase. It was determined by incu-
bating equal volumes of precisely diluted enzyme and
substrate (1% w/v soluble starch in pH 7.0 phosphate buffer)
for 30 minutes at 37°C. The reaction was stopped by adding
2ml of 3,5-dinitrosalicylic acid, and the amount of glucose
released was calculated using a UV/Vis double beam
scanning spectrophotometer (SPECTRONIC) at 540 nm
[37]. As a result, a unit of amylase activity equals the amount
of reducing sugar produced per ml per minute of CES in M,
measured under the assay conditions and recorded as U/ml
protein. Experiments were carried out in triplicate to ensure
that the results were consistent. The protein content of the
CFS was estimated colorimetrically (Lowry protein assay),
through bovine serum albumin as standard [38].

2.6. Purification of Amylase

2.6.1. The Concentration of CFS by Ammonium Sulfate
Precipitation. At 4°C, ammonium sulfate was precipitated
by adding different amounts of solid sulfate (20 to 80 %) to
the CFS and centrifuging the concentrate at 11,000 x g for
15 min. The precipitate was then dissolved in a 10 mM Tris-
HCI buffer with a pH of 7.4 and dialyzed against the same
buffer overnight at 4°C before being kept at —20°C for further
studies.

2.6.2. Purification Using a DEAE Sephadex Column. The
extracellular amylase produced by P. agglomerans, PCI05,
was purified in three steps: 0-80% ammonium sulfate
precipitation, dialysis, and gel filtration chromatography
utilizing a Sephadex G-75 column (3 x45cm) (Sigma
Aldrich, USA). The dialyzed material was loaded onto a
DEAE Sephadex G-75 ion exchange column, which was
subsequently equilibrated with 10 mM Tris-HCI buffer, pH
7.4, and dialyzed again. The sample was slowly placed on top

of the column at equilibrium, to allow effective diffusion
coupled with binding, and then washed stepwise with the
same buffer at a constant flow rate of 0.5 ml/min with in-
creasing salt concentration (NaCl, 0.2-1M solution). As
previously stated in this paper, eluted fractions were tested
for amylolytic activity. Active fractions were blended and
freeze-dried, producing a 15% yield. SDS-PAGE with 4%
stacking gel (buffer: 5% Tris-HCl, pH 6.8, 1M; TEMED 0.1%
(v/v), (NHy) 25,04 1% (w/v)) and 12% resolving gel (bufter:
12% Tris-HC, pH 8.8, 1.5M, TEMED 0.4% (v/v) (NH,)
25,05 1% (w/v)), stained with silver nitrate, and the mo-
lecular weight of pure amylase was then estimated by
comparing it to the relative mobility of standard molecular
weight markers (28 kD, 205 kD) (Genei, India). (28 kD,
205kD) (Genei, India and was used to estimate the mo-
lecular weight of pure amylase [34].

2.7. Characterization of Enzymes. The amylase activity was
examined with various pH values, temperatures, metal ions,
and incubation periods. The stability of the isolated enzyme
was evaluated at various pH values (1 to 10 with intervals of 1
unit) and temperatures (4, 30, 40, 50, 60, 70, and 100°C). It
was examined after an hour of preincubation in Tris-HCI
buffers ranging from 1.0 to 10.0 with the same ionic strength
and pH. The residual activity was determined immediately
after the aliquots were processed as indicated previously. The
thermal stability was investigated by preincubating it at
various temperatures for an hour, and the residual activity
was assessed as described elsewhere [39]. As a control, the
samples were preincubated at 4°C. After 30 minutes of in-
cubation at 37°C in 0.05M Tris-HCI buffer (pH 7.0), the
stability of the purified enzyme was measured in the pres-
ence of metal ions (Cs**, Zn**, Co**, Ca®*, Fe’*, Mg*") and
three denaturing agents (EDTA, SDS, and urea). Any of the
metal ions or chemical molecules listed above are included in
the buffer.

2.8. Thermal Stability of Alpha-Amylase by DSC-TGA. A
combined DSC-TGA employing Shimadzu TG 60 and DSC 60,
Japan, was used to investigate the thermal stability and weight
loss of alpha-amylase. In a standard 70yl aluminum pan,
approximately 5 mg of the sample was loaded. Weight loss was
measured as a function of temperature throughout a tem-
perature range of 40°~200°C at a heating rate of 100C/min; the
flow rate of the gas was 100 ml/min.

2.9. Reversed-Phase High-Performance Liquid Chromatography
(RP-HPLC) and Fourier Transform Infrared Spectroscopy (FT-
IR). Using areversed-phase C18 Nova-Pak column (Waters,
India), RP-HPLC was performed to assess the purity and
homogeneity of the protein recovered from the DEAE
Sephadex column. In this technique, two buffers were used:
buffer A is 0.1% (v/v) trifluoroacetic acid (TFA) in water and
buffer B is 99.9% acetonitrile with 0.1% (v/v) TFA. The
former was used to equilibrate the column, which was
subsequently operated at a flow rate of 1 ml/min at 220 and
280 nm with the blank (mobile phase). After obtaining a
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steady line, the sample was injected and eluted with a linear
buffer B gradient (0-100%). The KBr pellet approach was
used to record the infrared spectrum (4000-500 cm™") on a
Thermo Nicolet 6700 FT-IR spectrophotometer. A thin
pellet was made by mixing the sample with dried KBr
powder and grinding it to a fine powder. All scans were
subtracted from pure water and CO, standards, and each
spectrum was an average of 32 scans.

2.10. Biofilm Disruption Potential. Biofilms of food-borne
microbial-type culture bacterial pathogens (Listeria mono-
cytogenes (MTCC 1143), Salmonella enterica enterica sero-
type Typhi (MTCC 8767), Vibrio parahaemolyticus (MTCC
451), Bacillus cereus (MTCC 1272), and Serratia marcescens
(MTCC 97)) were developed in nutrient broth (HiMedia),
and their microtiter plate adherence was determined
according to the methodology described elsewhere [40]. The
Institute of Microbial Technology in Chandigarh, India,
provided food-borne microbial-type culture bacterial
pathogens with MTCC numbers. The cells were washed and
resuspended in phosphate-buffered saline (pH 7.2) until
turbidity was reached, which was equivalent to a 0.5M
McFarland standard. 80 liters of nutritional broth was added
to sterile 96-well U-bottom microtiter plates, and 10 liters of
cell suspension and test concentration/control was made in
triplicate. The control was set with a newly generated bio-
film; negative control wells were filled with culture broth,
and the positive control contained 10 ygmL™" CuSO,. All
three wells were filled with different concentrations of
column-purified amylase, such as 50, 100, 150, 200, and
250 ul-mL~". The trials were carried out six times to statis-
tically validate the results, with the control and treated wells
arranged in a Latin square layout. To obtain dynamic culture
conditions, plates were placed on a platform shaker.
Planktonic cells and spent media were removed, and ad-
herent cells were gently washed twice in deionized water
before being stained. Biofilms were stained for 10 minutes
with 200 mL of 0.4 percent crystal violet solution (w/v) and
then rinsed twice with deionized water. To assess the extent
of biofilm destruction, the optical density of the plates was
measured at 595 nm in an ELISA reader (Labnics), and the
plates were observed via a phase-contrast microscope with a
40x magnification (Optica).

The results were confirmed by an in vitro biofilm for-
mation assay, and the biofilms were developed in cover
glasses soaked in 50 ml Erlenmeyer flasks containing nu-
trient broth which were then incubated at 28°C for 24 hrs.
The mature biofilm was subjected to a biofilm inhibitory
concentration (BIC) of amylase for 1 hour at 30°C to de-
termine the amount of rupture. The exposed coverslip was
dyed with a 0.4% crystal violet solution (w/v) and then
microscopically examined as previously described.

2.11. Scanning Electron Microscopy (SEM). The S. Typhi,
B. cereus, and L. monocytogenes biofilms were allowed to
grow on glass surfaces for 24 hours. Based on preliminary
microscopic examinations, food-borne bacterial pathogens
were chosen, and biofilms were treated with amylase at the

pathogen’s minimum inhibitory concentration (MIC) and
then incubated for another 24 hours. Glass slides were then
removed, rinsed with phosphate buffer solution (PBS), air-
dried, and treated with 4% glutaraldehyde (Sigma, USA) for
2 hours before being dehydrated with various grades of
alcohol (33-99.9%). After air-drying, the samples were
coated with platinum vapor and examined using a scanning
laser electron microscope (JEOL 6360A LV, Japan); un-
treated biofilms were used as controls.

3. Results

3.1. Screening for Alpha-Amylase Producers. Twelve (12)
strains were isolated and checked for extracellular alpha-
amylase production using a plate assay supplemented with
1% starch based on colony appearance and stability during
subculturing. Six isolates showed clear zones around the
colonies, including PCI05, which demonstrated significant
hydrolytic activity and was chosen for additional optimi-
zation methods aimed at increasing extracellular alpha-
amylase production and biofilm rupture.

3.2.  Characteristics of the Alpha-Amylase-Producing
Bacterium. The strain PCI05 was identified as
P. agglomerans based on its physiological, biochemical, and
taxonomic characteristics. The strain has been cultivated in a
variety of environments, including temperatures ranging
from 27 to 50°C and a range of sodium chloride solution
concentrations. However, optimal growth was observed at
30°C and sodium content of 7% (w/v).

3.3. Submerged Fermentation. Carbon and nitrogen sources,
pH, temperature, salt concentration, and incubation period
all had an impact (one-factor-at-a-time approach). These
variables were found to have a substantial influence on al-
pha-amylase production based on the results of optimization
experiments. In a basal medium enriched with fructose, the
strain P. agglomerans produced the most alpha-amylase, and
the process was found to be sensitive to the type of nitrogen
source employed and its quantity in the medium. In addition
to ammonium nitrate, the presence of both organic and
inorganic nitrogen sources influenced the production of
alpha-amylase by P. agglomerans. In a medium treated with
ammonium chloride, the greatest inhibition was detected.
Increases in salt content increased alpha-amylase produc-
tion, with the optimum occurring while 7% sodium chloride
was employed; however, subsequent increases in salt con-
centration resulted in a drop in enzyme production.

3.4. RP-HPLC and FT-IR of the Purified Alpha-Amylase.
The column was injected with a purified alpha-amylase
sample (pooled after Sephadex G-75 fractionation), and the
profile showed a single peak (Supplementary Figure 1) with a
retention period of 19 minutes, indicating that it had achieved
perfect homogeneity. FT-IR spectroscopy was used to de-
termine the functional groups of alpha-amylase (Figure 1).
The broad peak between 3500 and 3300 cm ™" is attributed to
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FIGURE 1: FT-IR spectrum of purified alpha-amylase.

hydrogen-bonded O-H-stretching vibrations, while the peak
between 3100 and 2900 cm™" is attributed to C-H-stretching
vibrations. The C-O-C-stretching vibrations appeared as
sharp peaks at 1263 and 949 cm™'; sharp peaks at about 1138
and 1068 cm™' showed the presence of C-O-stretching vi-
brations of tertiary and primary alcohols, respectively. The
bending motion (rocking) associated with -CH,- groups

appear at about 863 and 822cm™".

3.5. Characteristics of Purified Alpha-Amylase. The sample
obtained from the anion exchange column was used to
characterize alpha-amylase, and it was confirmed to be stable
along with a wide pH range. The stability of the enzyme
gradually increased when the pH changed from 5 to 10,
displaying 96% residual activity at pH 9.0, after which it
reduced to 30% and then increased to 50% at pH 10 and 12,
respectively (Table 1). This indicates that the alpha-amylase
produced by P. agglomerans is alkali tolerant. Interestingly,
even at 100°C, the enzyme was shown to be stable, retaining
50% of its activity (Table 1), showing that this enzyme may
be used for starch liquefaction. Among the metal cations
tested, Mg>" had a strong inhibitory effect, while Zn*" and
Cs®* have exerted only mild effects on alpha-amylase ac-
tivity. On the contrary, Co®* and Ca*" strongly influenced
the activity as shown in Figure 2, and it is evident that among
the inhibitors used, urea strongly affected alpha-amylase
activity. The standard deviations and mean value of relative
activity are also shown in the same figure, and the residual
activity was assessed under standard laboratory circum-
stances, such as 4°C and pH 7.0, and was used for references
(standards).

3.6. Thermal Analysis. Thermal analysis using combined
DSC-TGA revealed a higher thermal stability of alpha-
amylase even above 130°C. In the typical DSC-TGA curve,

TaBLE 1: Stability characterization of alpha-amylase.

Variables Residual activity ((%) (SD (yEr-))

Temperature (“C)

Standard 100+0.0
10 99.00+1.2
20 98.40+4.1
30 98.13+1.8
40 93.12+2.1
50 90.01 +3.2
60 87.54+2.8
70 83.54+1.9
80 5512+ 1.7
90 50.13+6.2
100 50.00 +4.8

pH
Standard 100+0.0
3 40.00+3.4
4 57.16+4.8
5 94.00 £ 2.6
6 98.21+1.7
7 100.00 £ 0.07
8 97.67 £2.6
9 96.12+0.3
10 72.23+44
12 53.23+4.2

an initial decrease of 3.5 mg weight of enzyme occurred at
40°C. A sharp endothermic peak was observed at 50°C in the
DSC pattern due to the initial evaporation of adsorbed
(physically) water molecules. At 60 to 120°C, the Tm of the
enzyme appeared to be stable with a loss of only 2.5% of the
weight. A sharp endothermic peak was observed at 131.5°C
with a weight loss of 6.3%. However, when the temperature
further increased, the weight of the sample started to decline
sharply due to exothermal degradation (Figure 3), indicating
that the enzyme was thermally very stable between 60 and
120°C.
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FIGURE 3: DSC-TGA curve of thermal analysis of alpha-amylase.

3.7. Evaluation of the Antibiofilm Activity of Alpha-Amylase
and Its BIC. The column-purified alpha-amylase from
P. agglomerans was evaluated for its antibiofilm activity
corresponding to various volume levels such as 50, 100, 150,
200, and 250 ul. With crystal violet staining, the BIC was
assessed microscopically as well as spectrophotometrically.
The percentage of BIC against different bacteria such as
B. cereus (150 ul-mL™"), V. parahaemolyticus (100 yl-mL™"),
S. marcescens (150 yl-mLfl), L. monocytogenes (150 ‘ul‘mLfl),
and S. Typhi (150 ul-mL™"), respectively, were 86.83, 77.83,
73.34, 85.47, and 84.09% (Figure 4).

3.8. Microscopic Observation. Biofilm disruption assays us-
ing the microtiter method, microscopic inspection, and
Scanning Electron Microscopy (SEM) were used to

investigate the effect of amylase on the degree of biofilm
development by food-borne pathogens. Biofilm generation
by B. cereus, S. marcescens, and S. Typhi (data not shown)
was significantly reduced when alpha-amylase was added to
their BIC. After treatment with alpha-amylase, SEM images
(Figure 5) revealed biofilm breakdown. The control biofilm
was not treated and showed the existence of closely linked
cells by EPS. Microcolonies were destroyed after a 24-hour
treatment with alpha-amylase.

4. Discussion

In this study, an a-amylase-producing strain of
P. agglomerans was isolated and characterized from surface
seawater samples collected from India’s southwest coast.
When fructose was used as the carbon source in a base
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FIGURE 5: The effect of amylase on the preformed (24h) biofilm; the biofilm nature was disrupted and resulted in the disruption of
microcolonies (a—c). The tightly bound biofilm of S. Typhi, Listeria sp., and B. cereus (d-f). (e) 9.5 mm x 1.0 K-SE and (f) 9.5 mm x 1.0 K-SE.
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medium and the temperature range was 10 to 30°C, the
maximum amount of enzyme was produced. The synthesis
of enzyme reduced as the incubation temperature increased,
peaking at 50°C. The growth of bacteria was considerably
reduced at higher temperatures, resulting in a decrease in
enzyme formation [41]. In addition, P. agglomerans also
produced the most alpha-amylase at a pH of 7.0. The en-
zyme’s synthesis and secretion are thought to be affected by
the medium’s initial pH. The extracellular pH affects several
enzymatic activities as well as the transport of many com-
ponents through the cell membrane; therefore, microbial
strains’ production of alpha-amylase is greatly influenced by
it [42]. Enzyme activity is reduced or denatured when the pH
is altered below or above the optimal range.

Thermostable salt-tolerant alpha-amylase production
from Bacillus sp. MD 124 corresponded to an optimum pH
value of 6.0. The majority of organisms studied previously
produced the most extracellular alpha-amylase at an op-
timum pH of 5.0-7.0 or 6.0-7.0 [7, 42-44]. As the salt
concentration increased, alpha-amylase production in-
creased, and the maximum corresponded to 7% (w/v) of the
salt, beyond which there was a decrease in the activity. The
stability of alpha-amylase in the presence of excess salt
concentrations (sodium chloride) may aid in starch di-
gestion under similar conditions, and it may also be useful
in biofilm disruption. In the presence of 1 mol-L™ sodium
chloride, the activity of a salt-tolerant extracellular alpha-
amylase from Bacillus dipsosauri was maintained. Although
Halomonas meridiana was active in a 15% sodium chloride
solution in a previous investigation, it became inactive at
temperatures above 37°C [45]. Upon analysis of different
factors affecting alpha-amylase production, it was found
that there exists a continuous increase in enzyme activity
with a rise in substrate concentration. Optimal concen-
trations of soluble starch required for alpha-amylase ac-
tivity in the case of Penicillium camemberti, PL21, were
found to be 1.67 and 1% according to two independent
studies [46, 47]. Based on its temperature stability, the
purified alpha-amylase from P. agglomerans can be clas-
sified as a thermostable enzyme, and it was found to be
stable even at 100°C, retaining 50% of its activity. Similarly,
thermostable alpha-amylase has been obtained and purified
from Bacillus sp. MD 124 earlier [47].

The best activity of alpha-amylases is achieved at 40°C,
according to a literature review; however, the optimal
temperature varies widely, for example, 50°C for Crypto-
coccus flavus, S. alluvius ATCC 26074, L. kononenkoae, and
C. antartica CBS 667 [48]. T. gondii [49] needs a temperature
of 65°C to survive. Lactobacillus manihotivorans [50] and
Thermomyces lanuginosus [51], as well as many other bac-
teria [52, 53], require temperatures of 55°C and 70°C,
respectively.

The enzyme was functional in a wide pH range (pH
5-10) and was active in both acidic and alkaline environ-
ments. In general, the pH value corresponding to the effi-
ciency of alpha-optimal amylase varies greatly, with most
bacteria and fungi’s activities peaking in the acid to neutral

range, 6-7 [5, 54]. Cations such as Co** and Ca®" had a
significant impact on alpha-amylase activity in the current
investigation. Ni**, Cd**, Zn>*, and Hg*"* inhibited alpha-
amylase from Bacillus sp. strain KSM-1378 [54] and Bacillus
firmus [55], whereas Zn’*, Ag®, Cu®*, and Fe** inhibited
alpha-amylase from B. subtilis, B. amyloliquefaciens I, and
B. amyloliquefaciens 11 [56].

The antibiofilm activity of amylase was tested using
common food-borne bacterial pathogens (L. monocytogenes,
E. coli, S. Typhi, B. cereus, S. marcescens). Earlier research on
arange of enzymes such as proteases, papain, alpha-amylase,
and cellulase suggested that hydrolases’ antibiofilm activity
could be attributed to the hydrolysis of a substrate impli-
cated in bacterial adherence, such as EPS [25, 26]. These
hydrolases were able to digest the slime layers formed by
pure and mixed bacterial cultures. Because EPS functions as
a barrier that protects bacterial cells within the biofilm, most
antimicrobial drugs cannot penetrate it.

Enzymes have been shown to degrade biofilm EPS
[25, 57]. Enzymes work by weakening proteins, carbo-
hydrates, and lipids in biofilms, eventually destroying the
entire structure. Researchers previously tested fungal
enzymes from Aspergillus Niger, Trichoderma viride, and
Penicillium spp. against P. fluorescens B52 and found that
both proteolytic and carbohydrate-degrading activities
helped remove the biofilm [58]. Extracellular alpha-am-
ylase generated by P. agglomerans was found to be ef-
fective in disrupting biofilms in food-borne MTCC
pathogens in the current study. Alpha-amylase isolated
from B. subtilis has previously been shown to have
antibiofilm action against human infections [59]. Purified
alpha-amylase was stable at various ranges of pH, tem-
peratures, and salt concentrations. The stability of the
alpha-amylase produced in the presence of high salinities
(sodium chloride) suggests that it could be utilized for
starch processing in salty environments. Most antimi-
crobials are prohibited in the food sector, although alpha-
amylase can be used as a substitute in this scenario.

5. Conclusions

Alpha-amylase was isolated from P. agglomerans in this
work, and numerous factors that control its production were
optimized using a one-factor-at-a-time approach. With
fructose, ammonium nitrate, and sodium chloride, the re-
sponse-surface method-based optimization increased the
production to 10.34 U/ml. The procedure with the highest
alpha-amylase activity (22.35U/ml) was associated with a
precipitation step comprising 60 to 80% ammonium sulfate.
The enzyme was discovered to be stable throughout a wide
pH range. The thermal analysis demonstrated that the
synthesized enzyme has higher thermal stability. The current
findings suggest that the enzyme could be useful in the starch
liquefaction process. The antibiofilm activity of
P. agglomerans crude alpha-amylase was further investi-
gated, and it was discovered to efficiently disrupt preformed
biofilms of food-borne pathogens.
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