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Abstract: Pelvic organ prolapse (POP) is a gynecological disorder described by the descent14

of superior pelvic organs into or out of the vagina as a consequence of disrupted muscles and15

tissue. A thorough understanding of the etiology of POP is limited by the availability of clinically16

relevant samples, restricting longitudinal POP studies on soft-tissue biomechanics and structure17

to POP-induced models such as fibulin-5 knockout (FBLN5-/-) mice. Despite being a principal18

constituent in the extracellular matrix, little is known about structural perturbations to collagen19

networks in the FBLN5-/- mouse cervix. We identify significantly different collagen network20

populations in normal and prolapsed cervical cross-sections using two label-free, nonlinear21

microscopy techniques. Collagen in the prolapsed mouse cervix tends to be more isotropic, and22

displays reduced alignment persistence via 2-D Fourier Transform analysis of images acquired23

using second harmonic generation microscopy. Furthermore, coherent Raman hyperspectral24

imaging revealed elevated disorder in the secondary structure of collagen in prolapsed tissues.25

Our results underscore the need for in situ multimodal monitoring of collagen organization to26

improve POP predictive capabilities.27

1. Introduction28

Pelvic Organ Prolapse (POP) is a multi-etiological disorder characterized by the descent of pelvic29

organs through the pelvic floor. Approximately 50% of women develop POP in their lifetime [1]30

POP negatively affects a woman’s quality of life including sexual activity and symptoms of31

urinary incontinence, bowel incontinence, and pain [2]. Although the primary antecedents to POP32

are birth-associated injury to the levator ani muscles, age, and body mass index [3], hereditary33

connective tissue disorders (e.g., Marfan and Ehlers-Danlos syndromes) can cause POP [4] –34

necessitating studies aimed at elucidating the multifactorial underpinnings of connective tissue35

dysfunction in POP.36

Due to their similar reproductive anatomy to humans [5], rodent models of elastinopathies are37

used to study POP [6]. One such model is fibulin-5 homozygous knockout mice (KO). In the38

KO model, over 90% of mice develop severe POP in six months [4]. Fibulin-5 is a glycoprotein39

produced in smooth muscle cells, fibroblasts, or vascular endothelial cells [7] that is responsible40

for proper elastic fiber formation [8]. Elastic fiber components such as elastin, fibulins, and41

fibrillins are critical to proper extracellular matrix (ECM) construction, contributing mechanical42

compliance and elasticity to the reproductive tract [9]. For example, loss of elastic fibers in43

arterial walls decreases collagen fiber undulation that affects the collagen fiber’s stiffening44

characteristics [10]. As a core component of the ECM, collagen fibers undergo greater loads45
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Fig. 1. In this study, we compared endocervical collagen organization and structure in
heterozygous fibulin-5 (HET) mice and homozygous fibulin-5 knockout (KO) mice with
pelvic organ prolapse (A). From excised murine reproductive tracts, axial cross-sections
5 µm in thickness were made at the external os and internal os of the cervix (B).
Each cross-section was imaged using two-photon excited fluorescence (TPEF) of
endogenous fluorophores and second harmonic generation (SHG) of collagen. A TPEF
and SHG stitched image of a HET internal os cross-section is shown in C, highlighting
collagen alignment perpendicular to the cervical canal. The image was formed using
high-resolution tiles to resolve tissue structures and thin collagen fibers (D and E).

without elastic fiber support. Consequently, collagen can be remodeled in the KO reproductive46

tract. Clark-Patterson et al. demonstrated significantly reduced collagen alignment ratio with47

respect to the circumferential and axial axes in KO murine vaginas compared to FBLN5+/- (HET)48

murine vaginas [9]. Furthermore, Budatha et al. reported thin and contorted collagen fibers in49

murine KO vaginas [11]. In these studies, the bulk tissue and collagen were visualized using50

histological staining and Picrosirius Red coupled with polarized light microscopy. However,51

studies investigating collagen orientation and structural perturbations in KO mice cervices are52

limited.53

Like polarized light imaging, second harmonic generation microscopy (SHG) is used to54

image collagen, albeit in a label-free capacity. SHG is a nonlinear, frequency-doubling optical55

phenomenon that occurs in non-centrosymmetric materials. In biological tissue, SHG signal56

arises primarily from type I collagen in supramolecular assemblies [12] – enabling molecularly57

specific, high-resolution collagen imaging. SHG imaging has demonstrated ability as a modality58

to study cervical collagen: using surgical biopsies of human cervices, Narice et al. observed59

a significant difference in collagen alignment in pre- and post-menopausal women via SHG60

imaging [13]. Moreover, Fourier-Transform (FT) SHG analysis was used to observe that collagen61

orientation varied along the transverse plane but not in the longitudinal plane of wild-type rat62

cervices [14]. The specificity and resolution of SHG imaging enable quantification of diameter,63

length, and curvature (amongst others) of individual collagen fibers and bulk collagen network64

characteristics such as area ratios and alignment. Although outside the scope of this paper,65

comprehensive reviews of collagen SHG imaging analysis techniques are available [15–17].66

The collagen orientation index (COI) is a parameter extracted from FT SHG analysis that67

permits quantification of the degree of collagen anisotropy within a region of interest (ROI).68

Briefly, the COI is a ratio of the ellipticity of the 2D power spectrum of a collagen SHG69

image assessed via ellipse fitting. SHG FT analysis can reveal collagen fibers’ orientation and70
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periodicity [18–20]. 2D FT analysis has been used to quantify collagen orientation in the dermis71

in response to uniaxial loads [18], in the human optic nerve head [21], and posterior cruciate72

ligament [22], amongst other tissues.73

Coherent Raman hyperspectral imaging is a label-free, diffraction-limited technique capable of74

capturing the structural motifs of proteins [23–25]. To combat the low efficiency of spontaneous75

Raman microscopy, broadband coherent anti-Stokes Raman scattering (BCARS) microscopy76

employs multiple electromagnetic fields to coherently drive and probe a broad bandwidth of77

vibrational modes at their resonance frequencies within a focal volume [26]. Concerning78

collagen, coherent Raman imaging can detect proline-rich and -poor regions, hydroxyproline, and79

triple-helical structure in the amide I and III bands [27]. To the best of the authors’ knowledge,80

there is no extensive study of collagen structural or molecular changes in the cervix of murine81

POP models.82

In an established mouse model of POP [4, 6, 28], we examined collagen organization and83

molecular structure in the cervix’s internal and external os (Fig. 1 A and B) using label-free84

SHG and BCARS imaging. In axial cross-sections, we imaged endogenous tissue fluorescence85

via two-photon microscopy and collagen with SHG microscopy (Fig. 1 C-E). We observed86

a significant difference in collagen anisotropy via COI in diseased and heterozygous murine87

cervices. Using the local mean absolute angular difference (LMAAD), a further quantification88

of the orientation angle from 2D power spectrum analysis, we observed a significant difference89

in the spatial persistence of the collagen orientation in the HET and KO internal and external90

os. Furthermore, collagen in the internal os and external os of KO mice displayed a significant91

difference in structural disorder compared to HET mice via BCARS micro-spectroscopy.92

2. Materials and Methods93

2.1. Animal care94

The mouse care and maintenance protocol used was in accordance with Tulane University’s95

Institute Animal Care and Use Committee. Female mice used in this study were produced from96

female and male FBLN5+/- (HET) mice on mixed background (C57BL/6 x 129SvEv). All mice97

were graded according to the Mouse Pelvic Organ Prolapse Quantification system [29]. FBLN5-/-
98

(KO) mice with grade 2 or grade 3 perineal bulge were included in the experimental group99

representing prolapse while grade 0 HET mice were included in the control group. Four mice per100

group between three and eight months of age were used in this study. All mice were sacrificed101

via CO2 asphyxiation with cervical dislocation as a secondary form of euthanization. Following102

euthanization, reproductive tract samples were excised from each mouse by making incisions at103

the uterine bifurcation and the vagina.104

2.2. Tissue cross-section preparation105

Reproductive tract samples were washed with HBSS, fixed in formalin for 24 hours, and embedded106

in paraffin for histological sectioning. Using a cryotome, five-micron thick tissue cross-sections107

were cut every 0.5 mm along the reproductive tract and placed on a microscopy slide. The108

external os of the cervix was identified in slides proximal to the vagina by the presence of the109

vaginal fornices lateral to the cervical os, while the internal os of the cervix was identified in110

slides distal to the uterine horns by the presence of only the cervical os (no fornices). Before111

imaging, the samples were deparaffinized and rehydrated. The samples were washed twice in112

xylene, once in a xylene and 100% ethanol solution (1:1 v/v), twice in 100% ethanol, once in113

95% ethanol, once in 70% ethanol, once in 50% ethanol, and 1X phosphate buffered saline. The114

duration of each wash step was three minutes. A cover glass (22 x 22 mm, #2; VWR, Radnor,115

PA, USA) offset with double-sided tape spacer, constituted a chamber sealed using Valap (1:1:1116

mixture of petroleum jelly, lanolin, and paraffin) to reduce sample dehydration. Samples were117

.CC-BY-NC-ND 4.0 International licenseavailable under a
(which was not certified by peer review) is the author/funder, who has granted bioRxiv a license to display the preprint in perpetuity. It is made 

The copyright holder for this preprintthis version posted February 1, 2024. ; https://doi.org/10.1101/2024.01.31.578106doi: bioRxiv preprint 

https://doi.org/10.1101/2024.01.31.578106
http://creativecommons.org/licenses/by-nc-nd/4.0/


kept hydrated at 4oC between imaging sessions.118

2.3. TPEF and SHG imaging119

We examined collagen morphology and alignment using endogenous two-photon excited fluo-120

rescence (TPEF) and second harmonic generation (SHG) from collagen. Images were acquired121

using a laser-scanning, confocal microscope (FV3000, Olympus, Tokyo, Japan). Multi-photon122

excitation was generated using an ultra-fast laser (InSight X3, Spectra-Physics, Milpitas, CA,123

USA) tuned to 800 nm and focused to the sample plane with a water-immersion, 60X, 1.1 NA124

objective (LUMFLN, Olympus, Tokyo, Japan). The excitation beams were linearly polarized125

as circularly polarized light reduced the overall SHG signal and made minimal impact on the126

observed collagen structure (SI Fig. 1). Image tiles (512 x 512 pixels; 0.276 µm/pixel) were127

averaged twice per line, and acquired using a 1.5X optical zoom at 12 bits/pixel. Tiles were128

stitched into a whole cross-section image using an onboard Olympus Correcting Algorithm.129

SHG and TPEF emission were acquired in the epi-configuration. The signals were isolated130

from the 800 nm excitation beam with a 680 nm short-pass filter (FF01-680/SP-25, Semrock,131

West Henrietta, NY, USA). A dichroic 425 nm long-pass filter (DLMP425R, Thorlabs, Newton,132

NJ, USA) splits the TPEF and SHG signal, and the SHG signal is filtered further by a 405 ± 5133

nm band-pass filter (FBH405-10, Thorlabs, Newton, NJ, USA), before detection by home-built134

photomultiplier tubes (PMTs). The PMTs’ gains were kept constant across each sample.135

2.4. COI and LMAAD post-processing136

We quantified the morphology and spatial persistence of collagen fiber alignment through the137

collagen orientation index (COI) and local mean absolute angular difference (LMAAD) metrics,138

respectively. Using the stitched SHG image, we converted the image to 8 bits/pixel and applied139

a Gaussian blurring filter (𝜎r = 0.25 µm) in ImageJ (2.14, National Institute of Health, USA).140

From this smoothed SHG image, we produced a binary collagen mask using ImageJ’s mean141

threshold. The smoothed SHG image and the mask were inputs to a custom MATLAB (2023a,142

MathWorks, Natick, MA, USA) script to perform COI and LMAAD processing.143

The COI and LMAAD metrics rely on ellipse fitting of a binarized power spectrum (Fig.144

2 C and D). Power spectra were calculated from the smoothed SHG image in 64 x 64-pixel145

windows in locations where the SHG mask had values of one in 70% of its area. Each power146

spectra’s zero-frequency component was centered and a log10 transform was applied. Each power147

spectrum was binarized using half-the-max intensity plus 0.2 of the power spectrum’s radial148

average. We fit the binarized power spectrum with an ellipse to ascertain the ellipse’s major and149

minor axes’ length and its orientation angle in degrees. Each window’s COI was quantified as [1150

– (minor axis length / major axis length)]. Using the orientation angle (between -90o and 90o)151

of each ellipse’s major axis, we calculated the natural logarithm of the mean absolute angular152

difference between the center window ("0") and the adjacent windows ("1"), the windows two153

windows away from the center ("2"), and the windows three windows away from the center ("3")154

(Fig. 3 A-D). We subtracted 180o from absolute angular differences exceeding 90o to prevent155

false large angular differences. Windows without a power spectrum by virtue of the collagen156

mask exclusion were omitted from the LMAAD calculation.157

2.5. BCARS hyperspectral imaging158

We used a home-built broadband coherent anti-Stokes Raman scattering microscope to probe159

collagen structural motifs. For excitation, a Nd:YAG microchip laser generates nanosecond pulses160

with a repetition rate of approximately 1 MHz at 1064 nm and a broadband supercontinuum that161

ranges from 1100 – 2400 nm (Opera HP, Leukos, Limoges, France). The beams were coupled in162

the sample plane via a 100X, 0.85 NA objective (LCPLN100XIR, Olympus, Tokyo, Japan). In163

a transmission configuration, the signal was collected with a 20X, 0.4 NA objective (M-20X,164
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MKS Newport, Andover, MA, USA). Signal was measured with a spectrometer (IsoPlane 160,165

Teledyne Princeton Instruments, Trenton, NJ, USA) and a back-illuminated, deep-depletion CCD166

(Blaze 1340 x 400 HS, Teledyne Princeton Instruments, Trenton, NJ, USA). We used a 1600167

nm short-pass filter (84-656, Edmund Optics, Barrington, NJ, USA) in the supercontinuum path168

to limit thermally produced bubbles during acquisition. Hyperspectral images were acquired169

by stage-scanning the tissue cross-sections in 50 x 50-pixel tiles at a step size of 0.40 µm/pixel170

and an integration time of 40 ms/pixel. Quantitative comparisons of collagen structure operated171

on a stitched hyperspectral image (8 x 8 tiles, 160 µm2). At a maximum, stitched images were172

composed of 15 x 15 tiles (300 µm2 hyperspectral image) (Fig. 4 B). Using the merged TPEF173

and SHG images as a guide, CARS imaging for all samples was relegated to collagen at or near174

the basement membrane.175

2.6. BCARS post-processing176

Using a modified Kramers-Kronig transform for phase retrieval, raw BCARS spectra were177

transformed into Raman-like spectra for quantitative analysis as reported in previous studies178

[23, 30]. Then, a second-order Savisky-Golay with a 151-point (approximately Δ396 cm-1)179

smoothing window was applied to the phase retrieved spectra to produce the Raman-like spectra.180

These operations were performed in Igor Pro (8.04, WaveMetrics, Portland, OR, USA). The181

Raman-like hyperspectral datasets were exported to MATLAB (2023a, MathWorks, Natick, MA,182

USA) for all subsequent processing.183

Center wavelength dependencies of the spectrometer calibration required a spectral shift of less184

than or equal to 10 cm-1. Consequently, each spectrum was shifted to have its maximum located185

at 2934.6 cm-1, which arises from CH3 vibrations [31]. Then, the spectrum in each spatial pixel186

was computed as a 3 x 3-pixel average to reduce spectral noise, which amounts to a smoothing187

over 1.44 µm2. We then normalized each spectrum by its respective maximum at 2934.6 cm-1.188

We then zeroed the spectrum of all pixels with mean values less than half of each tiled scan’s189

integrated amide I (1580 – 1700 cm-1) intensity; these pixels did not have sufficient material190

to warrant further analysis. A collagen mask was made by projecting the I1246/I2934 intensity,191

followed by a 2D Gaussian blurring filter (𝜎 = 0.5), and image binarization via Otsu’s threshold.192

We then manually removed any remaining scan acquisition artifacts and hot pixels outside the193

tissue boundary using the merged TPEF and SHG images as a guide. Using the resultant mask,194

we quantified the degree of collagen disorder through the amide III ratio of disordered collagen195

intensity (1246 ± 5 cm-1) over ordered collagen intensity (1271 ± 5 cm-1) at each hot pixel in196

the image [32]. We removed amide III ratios equaling exactly one as typically these arose from197

pixels with quite low amide III signal-to-noise ratios.198

2.7. Statistics199

Statistical analysis was performed in RStudio (4.3.1, The R Foundation for Statistical Computing).200

First, the normality of each distribution was assessed using the Shapiro-Wilk test, and all201

distributions were found to significantly deviate from a normal distribution (P > 0.05). Therefore,202

the nonparametric two-tailed Mann-Whitney-Wilcoxon test was used to determine whether HET203

and KO COI, LMAAD, and amide III ratio distributions were differed significantly (P < 0.001).204

3. Results205

3.1. Disrupted collagen alignment in fibulin-5 KO mice across multiple length scales206

We quantified the distribution of collagen anisotropy from SHG images of the internal and external207

os of HET and KO mice cervices. The COI indicates the degree of collagen anisotropy within208

a selected window by ratiometric quantification of the window’s spatial frequency (binarized209

2-D power spectrum) distribution. Regions with anisotropic collagen aligned along a particular210
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direction produce high-frequency components orthogonal to the alignment axis in the 2-D power211

spectrum (Fig. 2 A and C). Conversely, isotropic collagen produces a nearly radially equivalent212

or circular distribution of frequency components in the 2-D power spectrum (Fig. 2 B and D).213

The COI of collagen in the basement membrane and near the cervical canal was relatively higher214

in HET and KO mice than collagen closer to the cross-section periphery (Fig. 2 E). Analyzing the215

COI over the entire tissues, we found that HET and KO COI distributions significantly differed in216

the internal and external os. HET cervix tissues showed more alignment than those in the KO217

mice.218

Fig. 2. The collagen orientation index (COI) indicates the degree of collagen anisotropy
within a selected window. The binarized power spectrums of anisotropic (A) and
isotropic (B) collagen windows reveal distinct spatial frequency distributions (C and D).
By fitting an ellipse to the power spectral densities, we extract the collagen orientation
index as one minus the ratio of the minor axis length to the major axis length. More
aligned collagen (C) has a greater COI than isotropic collagen (D). Furthermore, the
orientation angle of the major axis (-90o and 90o) is extracted from ellipse fitting for
LMAAD quantification. The COI was computed on distinct 64 x 64-pixel windows
across every SHG image. The spatial COI values for the HET internal os are displayed
in E, highlighting greater COIs for the relatively more anisotropic collagen near the
cervical canal. (F) The HET internal (N=4, n=13,716) and external os (N=4, n=17,430)
display significantly greater mean COIs compared to the KO internal (N=4, n=31,272)
and external os (N=4, n=51,727). * Indicates a P < 0.001 via two-tailed Mann-Whitney-
Wilcoxon test.
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Using LMAAD processing, we quantified the persistence of collagen orientation angle as a219

function of relative window distance. For each fit ellipse, we extracted the orientation angle of220

the major axis (Fig. 2 C and D). Locations with greater local collagen fiber alignment have lower221

LMAAD due to more persistent fiber orientation or congruence over space. Furthermore, plotting222

an LMAAD map highlights spatial variations in persistent collagen alignment, which showed223

a lower LMAAD for collagen windows closer to the cervical canal (Fig. 3 F). We compared224

the LMAAD of the HET and KO internal os and external os within adjacent ("1") windows and225

one ("2") and two ("3") windows away from the center window (Fig. 3 A and B). Across all226

window distances, we observe significantly different LMAAD distributions between HET and227

KO cross-sections (Fig. 3 E), with HET mice exhibiting relatively lower mean LMAAD than228

KO mice (Table 1).229

Table 1. Compiled metrics of collagen morphology and structure in investigated
cervical tissues

Features Metrics
Internal os

(Mean ± S.E.)

External os

(Mean ± S.E.)

HET KO HET KO

Anisotropy COI 0.368 ± 0.001 0.328 ± 0.001 0.377 ± 0.001 0.352 ± 0.001

Orientation

persistence

LMAAD1 24.61 ± 0.138 31.85 ± 0.090 24.63 ± 0.125 26.81 ± 0.071

LMAAD2 27.36 ± 0.133 33.75 ± 0.083 27.95 ± 0.121 29.15 ± 0.068

LMAAD3 28.73 ± 0.130 34.74 ± 0.078 30.09 ± 0.118 30.35 ± 0.066

Secondary

structure

disorder

Amide III

ratio
0.997 ± 0.001 1.016 ± 0.009 0.947 ± 0.001 0.957 ± 0.001

Moreover, the LMAAD increases with larger distances between windows at both cervical230

locations in HET and KO mice. This trend is attributed to a decrease in the correlation of fiber231

orientation as the distance increases between any two collagen windows, as would be expected.232

However, the rate of LMAAD increase with window distance is approximately equal in HET233

and KO collagen. The COI and LMAAD analyses reveal a decrease in collagen anisotropy and234

orientation persistence in KO mice. The HET collagen LMAAD versus distance is consistently235

lower than for the KO for both internal and external os.236

3.2. Collagen structural motifs are perturbed in fibulin-5 KO mice237

Following observation of perturbed collagen morphology in KO mice, we investigated molecular238

alterations of KO collagen in the basement membrane (Fig. 4 A and B) using BCARS239

hyperspectral imaging. Native, individual collagen fibers are comprised of three polyproline-II240

helices organized into a triple-helix [33], which is critical for collagen’s biophysical characteristics,241

particularly its mechanical stiffness [34]. Conversely, disordered collagen resides in a random242

coil conformation. Representative collagen spectra in HET and KO mice are shown in Figure243

4. Several collagen vibrational modes of HET collagen are preserved in the KO collagen. The244

vibrational modes at 856 cm-1 and 937 cm-1 arise from proline and hydroxyproline amino acid side245

chains of collagen as well as C-C vibrations in the collagen backbone [35]. A sharp phenylalanine246

response is found at 1002.2 cm-1. The band at 1457 cm-1 arises from CH2/CH3 deformation and247

CH2 wagging. Furthermore, the amide I (1580 – 1700 cm-1) and amide III (1220 – 1300 cm-1)248
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Fig. 3. The local mean absolute angular difference (LMAAD) quantifies the persistence
of collagen orientation. Using each window’s (64 x 64 pixels) major axis orientation
angle, we calculate the mean absolute angular difference between the center window
("0") and the adjacent windows ("1"), the windows one window from the center ("2"),
and windows two windows from the center ("3") (A and B). The result is assigned to
the center window. (D and C) Applying this processing ("1") to one of the HET and
KO internal os samples indicates low LMAAD near the cervical canal. Violin plots of
compiled LMAAD distributions for the adjacent windows ("1") are highlighted in E
(HET: int. os, n=12,913; ext. os, n=15,815; KO: int. os, n=29,989; ext. os, n=48,970).
(F) The HET internal (N=4) and external os (N=4) display significantly different
LMAAD compared to the KO internal (N=4) and external os (N=4) as a function of
window distance. * Indicates a P < 0.001 via two-tailed Mann-Whitney-Wilcoxon test.

bands can be used as vibrational read-outs of collagen secondary structure [27, 36, 37].249

We observed a significant difference in the amide III band, which is attributed to collagen’s250

triple-helical structure [31]. We limited our analysis of collagen secondary structure to the amide251

III due to the relatively higher collagen specificity of the amide III compared to the amide I252

(SI Fig. 2) within a focal volume. Vibrational modes at lower Raman shifts of the amide III253

are attributed to random coil protein secondary structure, whereas 𝛼-helical protein secondary254

structures arise in higher Raman shifts of the amide III [32, 38]. Using a ratio of the random255

coil (1246 ± 5 cm-1) and triple-helical (1271 ± 5 cm-1) contributions to the amide III band, it is256

possible to determine relative collagen disorder [39] as we demonstrate using in vitro gelatin and257
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Fig. 4. The structural order of collagen in internal os (HET, N=4; KO, N=4) and
external os (HET, N=3; KO, N=4) cross-sections probed using BCARS microscopy. (A)
TPEF and SHG images are used to locate subepithelial collagen for BCARS imaging.
(B) Molecular pseudocolor of the ROI of the whole image in A. Red is protein signal
arising in the amide I (C=O stretch at 1659 cm-1), green is assigned to the amide III of
collagen (1246 cm-1), and blue is assigned to phenylalanine (1002.2 cm-1). (C) Using
the intensity of amide III of collagen (1246 cm-1) as a mask, the ratio of disordered
to ordered collagen is quantified as the sum of 1246 ± 5 cm-1 over the sum of 1271
± 5 cm-1. Representative normalized, averaged (5 x 5 pixels) collagen spectra in the
internal os (D) and external os (E). The combined amide III ratio distributions (20 bins,
bin size is 0.1) indicate significantly different collagen structural disorder in HET (int.
os, n=154,833; ext. os, n=75,365) and KO (int. os, n=128,599; ext. os, n=135,142)
tissues (F). * Indicates a P < 0.001 via two-tailed Mann-Whitney-Wilcoxon test.

collagen I fibers in SI Figure 3. Gelatin, being the denatured form of collagen I, shows a larger258

ratio of I1246/I1271 as would be expected since the triple helical structure in gelatin is essentially259

eliminated. In the cervical cross-sections, HET and KO collagen amide III ratio distributions are260

significantly different with KO collagen trending towards greater disorder (Fig. 4 F).261

4. Discussion262

In this study, we investigated collagen morphology and structure within the cervix of KO and263

HET mice using label-free microscopic techniques. With statistical significance, we found that264

KO and HET collagen fibers are from distinct populations regarding their morphology and265
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secondary structure. The collagen in the KO internal and external os tended to be more isotropic,266

less correlated in orientation angle with respect to neighboring fibers, and more molecularly267

disordered than HET counterparts. Our observations imply cervical collagen structure and268

organization can be used to monitor POP development, despite the limited role the cervix has in269

POP.270

The cause of disrupted collagen morphology and structure in the KO mouse cervix is likely271

multifactorial. KO mice functionally lack elastic fibers that provide mechanical support to soft272

tissues, limiting the ability of the ECM to recover from deformation in response to applied forces.273

Without functional and fully assembled elastic fibers, fibrillar collagen, which largely provides274

the ECM tensile strength, is left to bear increased loading distinct in KO compared to HET soft275

tissue [9]. Indeed, in vivo and in vitro fibulin-5 HET mouse cervices display significantly greater276

circumferential contractility than fibulin-5 KO mouse cervices [40]. In addition to mediating277

elastogenesis, fibulin-5 contains a conserved arginine-glycine-aspartic acid domain that inhibits278

fibronectin-mediated matrix metalloproteinase-9 (MMP-9) expression [11]. Without fibulin-5,279

MMP-9 is upregulated therefore impacting collagen fiber degradation and reorganization [41,42].280

Although indirectly, fibulin-5 impacts the mechano-chemical homeostasis of collagen fibers,281

which potentially establishes a relationship between cervical collagen organization, alignment,282

and structure and elastic fibers observed in this study. However, most POP studies using fibulin-5283

mouse models focus on the vagina and have not included measurements of elastic fibers, collagen,284

and MMP-9 regulation in anatomy more superior in the reproductive tract.285

The COI, LMAAD, and Raman-based collagen quantification can also be applied to cervical286

collagen in the context of pregnancy. Before delivery, the cervix softens, ripens, and dilates287

to ensure normal parturition [43]. The consequence of improper timing of cervical ECM288

remodeling is premature birth [43] that can lead to neonatal morbidity and mortality [44]. Using289

SHG-based imaging, Atkins et al. observed changes in cervical collagen abundance, fiber290

size, and matrix porosity during gestation that indicated collagen degradation in a preterm291

mouse model [45]. The COI and LMAAD quantification of bulk cervical collagen organization292

and orientation persistence may assist identification of irregular cervical ECM and indicate293

a higher potential for preterm birth. In addition to the morphology of collagen, the degree294

and type of collagen crosslinking is critical to the cervical mechanical compliance necessary295

at each stage of gestation [46]. Several studies identified the degree of collagen crosslinking296

using Raman spectroscopy [47, 48]. Through quantification of cervical collagen crosslinking297

and structural disorder, Raman-based measurements could be used as hallmarks of incorrect298

mechanical compliance during gestation.299

5. Conclusion300

In summary, different imaging modalities are needed to observe microstructural and bulk301

ECM modifications in POP models more holistically. These measurements may clarify the302

origins of POP and improve clinical outcomes. We demonstrate microstructural changes in303

prolapsed tissue using nonlinear microscopy that may be preserved in clinically relevant POP304

presentations. Moreover, we quantified microstructural changes via established (COI) and305

new imaging processing techniques (LMAAD) that could be clinically useful with e.g. in306

clinic multiphoton microscopy probes [49–52]. However, improvements to optical fiber-based307

Raman hyperspectral imaging, specifically amide III signal-to-noise, and TPEF/SHG imaging308

are necessary to correlate observations in the KO model to patients in situ.309
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