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Abstract

In severe skeletal muscle damage, muscle tissue regeneration process has to face the loss of resident muscle stem cells
(MuSCs) and the lack of connective tissue necessary to guide the regeneration process. Biocompatible and standardized
3D structures that can be injected to the muscle injury site, conforming to the defect shape while actively guiding the
repair process, holds great promise for skeletal muscle tissue regeneration. In this study, we explore the use of an
injectable and porous lysine dendrimer/polyethylene glycol (DGL/PEG) hydrogel as an acellular support for skeletal
muscle regeneration. We adjusted the DGL/PEG composition to achieve a stiffness conducive to the attachment and
proliferation of murine immortalized myoblasts and human primary muscle stems cells, sustaining the formation and
maturation of muscle fibers in vitro. We then evaluated the potential of one selected “myogenic-porous hydrogel”
as a supportive structure for muscle repair in a large tibialis anterior muscle defect in rats. This injectable and porous
formulation filled the defect, promoting rapid cellularization with the presence of endothelial cells, macrophages, and
myoblasts, thereby supporting neo-myogenesis more specifically at the interface between the wound edges and the
hydrogel. The selected porous DGL/PEG hydrogel acted as a guiding scaffold at the periphery of the defect, facilitating
the formation and anchorage of aligned muscle fibers 2| days after injury. Overall, our results indicate DGL/PEG porous
injectable hydrogel potential to create a pro-regenerative environment for muscle cells after large skeletal muscle
injuries, paving the way for acellular treatment in regenerative muscle medicine.
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Introduction

Skeletal muscle constitutes the predominant tissue in the
body, representing approximately 30%—45% of the total
body mass.! Comprising post-mitotic muscle fibers formed
through the fusion of specialized mononucleated myo-
blasts, skeletal muscles play a pivotal role in voluntary
movements,” locomotion, thermoregulation, and substrate
storage, particularly for amino acids.’ Muscle tissue regen-
eration process is highly conserved in many species,
including humans and rodent animals, and enables effec-
tive healing following minor traumas.* In such event, mus-
cle stem cells (MuSC), dispersed throughout the entire
muscle tissue exit their quiescent state to give rise to highly
proliferative myoblasts, which fuse together to form new
muscle fibers.> This efficient skeletal muscle tissue heal-
ing process involves a well-coordinated series of events
leading to the complete restoration of normal tissue archi-
tecture and functions. However, in cases of significant
muscle injuries, such as volumetric muscle loss (VML),
this repair process is hindered. The tissue’s original func-
tionality, especially contractility, remains unrecovered due
to the ineffective remodeling process.® The absence of an
orderly reconstitution of a structurally and mechanically
suitable extracellular matrix (ECM), and the concomitant
ablation of resident MuSC results in a non-functional disa-
bling fibrotic scarring.” In addition, recent studies under-
line the role of chronic inflammation linked with severe
muscle injuries, hindering the reparative contribution of
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MuSC and promoting fibrosis.® To date, therapeutic

options are extremely limited,” mostly relying on muscle
autografts/flaps'® to close wounds, offering limited suc-
cess in fully restoring muscle function and the ability to
contract.'1?

Regenerative medicine strategies, aiming to enhance
the functional repair of damaged tissues using biomaterial
supports, hold great promise for treating, severe muscle
injuries and VML.!>!* However, existing cellular or acel-
lular biomaterial-based approaches have not yet achieved
successful repair clinically.'> Effective strategies must
overcome physiological constraints: (i) connect the
adapted biomaterial to the remaining injured tissue, (ii)
replace the missing connective tissues to provide support
for cells and guide them toward muscle regeneration (iii)
mediate the inflammatory response to promote myogenic
muscle cells and limit fibroblast colonization.

Therefore, such biocompatible and standardized 3D bio-
materials should be injectable into the injured muscle to
ensure ease of use and to intricately delineate and conform
to the defect shape. Indeed, a tight interaction between bio-
materials and wound edges would ideally facilitate the local
recruitment of remaining resident MuSC from the non-
injured tissue. The presence of porosity is of critical impor-
tance to allow cell infiltration, vascular and nerve ingrowth
over large volumes.'® The design of standardized porosities
and 3D architectures have thus been explored in vitro, with
efforts to recapitulate the topographical cues found in the
native skeletal muscle tissue, strategically guiding the
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muscle repair process.!”?! The design of both injectable and
porous biomaterials for tissue repair remains scarce but
have demonstrated considerable potential,? and starts to be
explored in the context of skeletal muscle injuries.??

The ideal biomaterial should provide a biophysical and
biochemical environment incentive for muscle fibers for-
mation and maturation. In the last decades, it has become
clear that the microenvironment is a key regulator of mus-
cle cell behavior during the process of myogenesis through
mechano-physical, biochemical, and architectural cues.?*
Furthermore, to ensure cell survival, tissue formation, and
long-term functionality of the repaired muscle, the bioma-
terial should support neo-angiogenesis and allow an effi-
cient innervation, particularly for VML of complex and
large sizes.”® Considering that there is no clinically
approved therapy for the treatment of large muscle defects
or extreme damages, we investigated an injectable and
porous hydrogel, with specific myogenic bioactivity, for
its ability to create a pro-regenerative environment for
cells after large skeletal muscle injuries.

The DGL/PEG hydrogel is biocompatible, and exhibits
broad mechanical properties versatility while conveniently
interacting with fibroblasts by means of polycationic
charges brought by the DGL amines.?® We have recently
developed a swift and straightforward injectable delivery
of this innovative hydrogel that allows a tight interaction
with surrounding tissues while ensuring the creation of an
adequate porosity for cellular infiltration and vasculariza-
tion.”?> The method relies on a controlled effervescent
reaction performed concomitantly with the injection of
hydrogel precursors. The crosslinking process, occurring
simultaneously with the effervescent reaction, entraps the
CO, bubbles generated, forming an interconnected poros-
ity. The nontoxic nature of effervescence along with its
ability to preserve the biochemical integrity of proteins,
makes it suitable for in situ formation of a 3D structure
within the hydrogel. These effervescent-porous hydrogels
showed promising results in contact with fibroblasts and
extensive vascularization potential when subcutancously
injected in mice, highlighting their in vivo potential.

Hence, this study adapted the DGL/PEG hydrogel
mechanical and biochemical aspects of scaffold design
(stiffness and composition) to support in vitro the attach-
ment and proliferation of muscle cells while sustaining the
formation/maturation of muscle fibers. To achieve this,
non-porous DGL/PEG hydrogels with varying stiffness
and DGL:PEG ratios were synthetized, and the behavior of
murine immortalized myoblasts cells was evaluated to
determine the optimal myogenic environments (combina-
tion of myoblasts spreading, proliferation, velocity, and
differentiation). We next evaluated the compatibility with
human myoblasts differentiation within the effervescently
generated 3D porous environment to select the best com-
position for promoting efficient myogenesis. Finally, this
“myogenic-hydrogel” was tested for its regenerative

potential into large muscle defects in the tibialis anterior
of rats over 21 days regarding cellularization and its contri-
bution to muscle repair. Our results highlight that our acel-
lular strategy sustains the attachment of the remaining
injured tissue with the porous DGL/PEG hydrogel and acts
as a guiding scaffold at the periphery of the defect to facili-
tate the formation and anchorage of a neo-regenerated arca
containing aligned muscle fiber bundles.

Materials and methods

A 2D flat hydrogel preparation

Poly(L-lysine) dendrimers of third generation (DGL;
molecular weight of 22000 g/mol, Colcom, France) and
Poly(ethylene glycol; PEG)-bis(N-succinimidyl succinate;
PEG-NHS, 2000 g/mol, Sigma Aldrich) were solubilized
at 400mg/mL in phosphate buffered saline (PBS,
Euromedex) and DMSO (Sigma Aldrich), respectively,
before use. Stock solutions of PEG-NHS in DMSO and
DGL in PBS (400 mg/mL) were added to the adjusted vol-
ume of PBS to obtain the desired concentrations (i.e. 1/25,
1.6/25,2/19, 2/25, 2/37, and 2/50mM DGL/PEG) in 2mL
conical tubes (Maxymum Recovery, Axygen) followed by
vigorous homogenization. To form cylinders, 400 uL. of
hydrogel precursors were allowed to crosslink inside the
tubes to then be retrieved and sectioned using a vibratome
(7550 Integraslice) at a 50Hz frequency, 1 pm amplitude,
and a slow blade speed of 0.10—0.15 mm/s to obtain hydro-
gel discs of 2mm high and 9.1 mm wide. For hydrogels
adhered in well plates, 90 uL of mixed liquid hydrogel pre-
cursors were rapidly deposited in wells of a 48 well plate
and quickly recovered with 600 pL of hydrated butan-1-ol
for meniscus smoothing. After crosslinking, hydrogels
were extensively washed and sterilized overnight in an
EtOH/PBS (70/30; v/v) solution at 4°C followed by exten-
sive washing with sterile DPBS. Hydrogels were kept
immersed in sterile DPBS at 4°C before use. Hydrogel
discs were 1cm wide, covering the entire diameter of the
well and were 0.7mm thick to preclude the possibility that
cultured cells sense the stiffness of the underlying plastic
dish. The 2D flat hydrogels were referred as hydrogels
without the macroporous architecture.

A 2D flat hydrogel characterization

Fourier transform infrared spectroscopy (FT-IR). The struc-
ture of PEG (400 mg/mL in DMSO), DGL (400 mg/mL in
pure water), and of a 2/25mM DGL/PEG hydrogel (pre-
pared in pure water instead of PBS and freeze-dried prior
analysis), were analyzed by FT-IR using a PerkinElmer
Spectrum Two FT-IR spectrometer equipped with a uni-
versal attenuated total reflectance. The infrared spectra
were scanned in the range of 4000450 cm ™! and the num-
ber of scans was 4.
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Nuclear magnetic resonance (NMR). A 2/25mM DGL/PEG
hydrogel was prepared directly in a thin-wall 3.2mm NMR
rotor, followed by ultracentrifugation (30min at 100,000g,
25°C) using an NMR filling tool. Before closing the rotor,
1.5ul of 4,4-dimethyl-4-silapentane-1-sulfonic acid (DSS
Sigma Aldrich) were added for NMR chemical shift refer-
encing. Solid-state NMR experiments were recorded using a
3.2mm triple-resonance (‘H, *C, and '>N) probe head at
static magnetic field of 800 MHz proton resonance frequency
(Bruker Avance II) and set-up in 'H and *C double mode, at
a 17.5kHz magic-angle spinning (MAS) spinning frequency
and at a temperature of 25°C. The radio-frequency field
strengths for *C and 'H were set to 50 and 100kHz, respec-
tively. Since the hydrogel gave no signal in CP (cross-polar-
ization) experiments, an INEPT (insensitive nuclei enhanced
by polarization transfer) experiment was performed instead.
A 2D'H-BC-INEPT spectrum was recorded with 48 scans
over 8h detected in the carbon dimension.

For reference solution NMR spectra, solutions of DGL and
PEG-NHS were prepared at 2mM in DMSO-d, (Carlo
Erba) and at 25mM in D,O (Eurisotop), respectively. A
'H-13C HSQC spectra were recorded on a 600 cMHz spec-
trometer equipped with a cryo-probe, at 25°C and for
30min, with a spectral width in carbon dimension of
70ppm. A HH-TOCSY was also recorded on PEG-NHS
for 30 min with a mixing time of 80 ms and with a spectral
width in proton dimension of 15 ppm.

A 'H and BC chemical shifts of PEG-NHS and PEG-DGL
were predicted using MestReNova software (Mestrelab) to
assist in resonance assignment.

A 'H and C NMR chemical shifts of PEG-NHS
in solution (see Supplemental Figure S1B for nomencla-
ture):  d,,=723ppm; J,,=3.75ppm; O.,=72.3ppm;
d,,,=3.50ppm; 8 ,=41.9ppm;d,,,=3.30ppm, 5,,=32.4 ppm;
d,,=2.56ppm, 5.,=29.1ppm; ,,,=2.96ppm, 5,=31.2 ppm;
and 3,,,=2.73 ppm.

Mechanical properties. For mechanical testing, 400ul of
hydrogels of various concentrations (1/25, 1.6/25, 2/19,
2/25, 2/37, and 2/50mM DGL/PEG) were formulated as
described above. The mechanical properties of non-porous
hydrogel cylinders (2mm X 9.1 mm) of various composi-
tions were analyzed by cyclic compression with a dynamic
mechanical analyzer (DMA 242 E Artemis, NETZSCH,
Germany). Hydrogels domain of linearity was first deter-
mined with a strain sweep test in compression performed in
PBS immersion at room temperature. Samples were then
subjected to compression at 10% constrain, 50 pm ampli-
tude, and 1 Hz frequency in PBS immersion at room tem-
perature. The elastic and the loss of hydrogels were reported.

Swelling ratio. The swelling ratio (Q,) of 2mm thick and
9 mm wide half circle hydrogels was determined in PBS at

37°C from non-porous hydrogels. Briefly, hydrogels were
immersed in nitrogen and freeze-dried for 48h at
400 mTorr. Freeze-dried samples were weighted using an
analytical balance, immersed in a 37°C PBS solution and
kept at 37°C. Samples were weighted after 1, 2, 4, 8, 24,
and 48 h of immersion.

Measurements were taken until reaching equilibrium. The
swelling ratio was calculated using the following equation:
W~ W,

Wy
where W, represents the swollen weight of the sample at

time ¢ and W, represents the dry weight of the freeze-dried
sample.

0s =

Injectable and porous hydrogels formulation

Effervescent porous DGL/PEG hydrogels (EPH) were pre-
pared as described elsewhere.?? Briefly, DGL at desired
concentration and potassium carbonate (P, at 0.477M in
distilled water) were mixed in PBS, vigorously homoge-
nized, heated at 37°C, and transferred into the first car-
tridge of a dual-chamber syringe (Adhesive dispensing
Ltd, UK). Concomitantly, a surfactant, the pluronic® F-68
at 3.3%, glacial acetic acid (Gaa at 0.635M), and PEG-
NHS in dimethyl sulfoxide (DMSO, Sigma-Aldrich) at
desired concentration were mixed, homogenized, and
placed in the second cartridge of the dual-chamber syringe.
Both compartments of the dual-chamber syringe were bal-
anced to obtain a final volume of 400 uL at a ratio 1:1.
Solutions were then injected through a static mixing noz-
zle (adhesive dispensing Ltd, UK) inside conic tubes, with
the concentration reported being the final concentration in
the vial. After crosslinking, hydrogels were removed and
manually cut to obtain cylinders of 2mm high. EPH cylin-
ders were then sterilized overnight in EtOH/PBS (70/30;
v/v) solutions at 4°C followed by an extensive washing
with sterile DPBS. They were kept immersed in sterile
DPBS at 4°C prior use. Various hydrogel conditions
(1.6/25, 2/25, and 2/37mM DGL/PEG) were studied with
a set Gaa:Pc molar ratio (1.33:1), Gaa/Pc concentration
(1.1 M), and surfactant concentration (3.3%).

Cell culture

Mouse skeletal myoblasts cells (C2C12 cell line, DSHB)
were grown in Dubecco’s Modified Eagle Medium
(DMEM, Gibco) 1X supplemented with 15% fetal bovine
serum (FBS) and 1% penicillin/streptomycin (Sigma
Aldrich) until reaching 80% confluence. When required,
cells were switched to DMEM containing 2% horse serum
(Gibco, Thermofisher scientific) for 6 days to induce myo-
genic differentiation. Primary human myoblasts (pHMs)
were kindly provided by the department of orthopedic sur-
gery, Geneva university hospitals & faculty of medicine.?’
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Isolated pHMs were grown in Ham’s F10 medium supple-
mented with 15% FBS; 0.5 mg/mL bovine serum albumin
(BSA); 0.5mg/mL fetuin; 0.39 ug/mL dexamethasone;
0.04 mg/mL insulin, 1 mM creatine; 100 pg/mL pyruvate;
50ug/mL  uridine (Sigma Aldrich); and 5ug/mL
Gentamycin (Gibco) and refreshed every second day. Cells
were induced in differentiation by using a DMEM 1X
medium supplemented with 0.5 mg/mL BSA; 0.01 mg/mL
insulin; 1 mM creatine; 100 pug/mL pyruvate; 50 pg/mL uri-
dine; and 10 pg/mL Gentamycin. All cell types were main-
tained in a humid incubator at 37°C and in 5% CO,.

Cell seeding on coatings. Wells of 24 well plates were coated
by passive adsorption with 1 mg/mL DGL, in DPBS for 4h
at 4°C followed by extensive washing with DPBS prior use.
When performing coatings, bare polystyrene wells were
used as positive controls. Matrigel (Corning) was also used
as a positive control for muscle cells. Matrigel at 1/100 in
growth medium was added to the well and let to polymerize
for at least 30 min at RT before washing with warm DPBS.

C2C12 cells were seeded on DGL and Matrigel coatings
and on plastic dish at 4000 and 40,000 cells/cm?. Cells
seeded at 40,000cell/cm?® were grown for 24h before
inducing their differentiation and fusion. Briefly, wells
were washed once with warm DPBS and immersed in
serum-depleted medium for 6 days.

Cell seeding on 2D flat hydrogels of various composi-
tion. Sterilized 2D hydrogel layers formulated on 48
well plates were soaked in growth medium and kept at
37°C, 30min before cell seeding. C2C12 cells,
15,000 cells/specimen, were seeded on 2D hydrogels of
various concentration in 0.6 mL culture medium. Cells
were grown for 4-6 days before inducing their differen-
tiation when reaching 80% confluence using protocol
described above.

Cell culture onto 3D porous hydrogels of various composi-
tion. Sterilized 2-mm high EPH were soaked in growth
medium and kept at 37°C, 30min before cell seeding.
C2C12 cells (20,000cells/specimen) and pHMs
(60,000 cells/specimen) were deposited on the top of EPH
of various concentrations in 100 pL of culture medium.
Samples were incubated at 37°C for 2h to allow for cell
attachment before adding 0.6mL of growth medium to
each well. Cells were grown for 4-8 days before depleting
the medium in serum for 614 days.

At dedicated time points after the inducement of differen-
tiation, cells on coating, 2D hydrogels, or into 3D EPH
were fixed for 20min at 37°C in a mix of sucrose 4% and
paraformaldehyde (PFA, Thermofisher scientific) 4% fol-
lowed by three washing in PBS. Specimens were stored
immersed in PBS at 4°C prior use.

Metabolic activity measurements. Cells metabolic activity
was measured with an alamar® blue assay on C2C12 cells
seeded at 4000 cells/cm? on surfaces coated with DGL, and
matrigel or on bare polystyrene (crude plastic) after 24, 48,
and 120h in growth medium.

Briefly, the culture medium was removed from all condi-
tions, cells were washed with warm and sterile DPBS and
400uL of a 10% alamar® blue mix in complete culture
medium was added onto the cells. After 3h of incubation at
37°C and 5% CO,, the supernatants were harvested and
their fluorescence measured with a fluorescence microplate
reader (TECAN infinite® 200) at excitation 535nm and
emission 610nm. C2CI12 seeded at increasing densities
without any treatments were used as positive controls for
standard curve linearity assessment to determine the range
in which alamar® blue assay could be conducted. Data are
presented normalized to the data obtained on crude plastic.

Cell migration and morphology by time Lapse. To study
C2C12 cells in proliferative conditions, they were seeded
on 2D hydrogels as described above and tracked by time-
lapse videos. Briefly, 7h after seeding, plates were trans-
ferred into a time-lapse microscope (Zeiss Axio Observer
Z1 inverted) at 37°C and 5% CO,. Five bright field pic-
tures per well were taken using a 10X lens (N-Achroplan
0.25 phl, N.A 0.25) every 10min for 24 h to follow cellu-
lar movement and morphology over time.

Cellular velocity (from 7 to 30 h post-seeding), confluence
(7-, 24-, and 30-h post-seeding), and morphology (30h
post-seeding) were assessed by image analysis of time-
lapse video using Image].

In vitro immunofluorescence staining and image
analyses

EPH cylinders were either used whole in immersion or cut
in slices. EPH slices were obtained by first embedding fixed
samples in optimal cutting temperature solution (OCT) by
successive baths of increasing concentrations: 20%, 50%,
80%, 90%, and 100% in PBS for 30 min each. EPH were
then cut (16-30um) with a cryotome (Leica C3050S),
deposited on glass slides (Superfrost plus, thermofisher sci-
entific), and fixed with acetone for 20 min at —20°C.

Cells on coatings, 2D hydrogels, or into 3D EPH were per-
meabilized with a 0.1% triton X-100 (Euromedex) solu-
tion in PBS followed by an immersion in blocking
solution (5% BSA in PBS) for 1h. A C2C12 and pHMs
undifferentiated and differentiated phenotypes were eval-
uated by a staining with antibody directed against Myosin
Heavy chain (MyHC, MF-20 1:10, DSHB, and clone
MF20). pHMs cell morphology, cytoskeleton organiza-
tion and protein expression were detected through
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Table I. Primer sequences used for real time PCR.

Genes Primers Sequence

MyH4-Myosin Heavy Chain 4 Forward CAA-GTC-ATC-GGT-GTT-TGT-GG
Reverse TGT-CGT-ACT-TGG-GAG-GGT-TC

Glyceraldehyde 3-phosphate dehydrogenase (GAPDH) Forward AAC-TTT-GGC-ATT-GTG-GAA-GG
Reverse ACA-CAT-TGG-GGG-TAG-GAA-CA

RPI41A-60S ribosomal protein L41-A Forward GCC-ATG-AGA-GCG-AAG-TGG
Reverse CTC-CTG-CAG-GCG-TCG-TAG

immunofluorescence analysis after incubation with desmin
Y66 (1:50, Abcam ab32362), and sarcomeric alpha-actinin
(1:500, Sigma Aldrich A7811). Samples were incubated
with monoclonal antibodies in a solution of BSA 1% for
2h. Secondary antibodies (Alexa Fluor 647—1/500 or
Alexa fluor 555 1/500 from Thermofisher) were then
applied on samples for 2h in a wet chamber. For nucleus
and actin staining, 4,6-diamidino-2-phenylindole (DAPI,
Sigma Aldrich) at 2 pg/mL and Alexa fluor 488-conjugated
phalloidin (Invitrogen) at 4 pg/mL were added for 10 min.
All incubations steps were performed at room temperature,
samples were rinsed three times in PBS between each step
and kept immersed at 4°C in PBS prior use.

For 2D hydrogels, three mosaics of 12 pictures were per-
formed for each condition. Samples on glass slides were
mounted with fluoromount and whole EPH were kept
immersed in PBS 1X to be analyzed with an upright laser
scanning confocal microscope (LSCM—Zeiss Imager.Z2).
On EPH, 100 um stacks were realized on five various posi-
tions and orthogonally projected. Formation of skeletal
muscle cells (myotubes) was appreciated with myosin
heavy chain (MyHC), desmin, and alpha-actinin antibody
staining. The number of nuclei per myotubes and myotubes
area, width (average of three distinct positions in the myo-
tube), and length (feret diameter) were determined by image
analysis with Imagel. The elongation index was calculated
as the ratio of myotubes Feret’s diameter on their width. The
fusion index was calculated as the number of nuclei inside
MyHC+ structure on the total number of nuclei. For myo-
tube morphology quantification, myotubes of at least two
nuclei were measured and at least three samples per condi-
tion were analyzed at three various cell passages. Between
80 and 211 myotubes were analyzed per condition.

Determination of myogenic differentiation by
real time PCR

To quantitatively measure the expression levels of Myh4,
real-time polymerase chain reaction (RT-PCR) was per-
formed on 3D EPHs after 1, 3, and 6 days in serum-depleted
medium. For every condition at least three EPHs were har-
vested and frozen in liquid nitrogen. Frozen samples were
deposited into 2.0mL lyzing Matrix tubes containing
1.4mm ceramic spheres and subjected to high-speed lysis

with FastPrep-24 5G Instrument. Total RNA was isolated
from the supernatant of lyzed 3D scaffolds using TRIzol®
reagent according to the manufacturer’s recommendations.
The purity and concentration of the isolated RNA were
measured by a spectrophotometer (Nanodrop 2000 Thermo-
Scientific). A Single-stranded cDNA synthesis was per-
formed with 500ng total RNA using the GoScript™
Reverse Transcription System Kit from Promega following
the manufacturer’s recommendations. Quantitative poly-
merase chain reaction (QPCR) of transcripts and endoge-
nous controls, GAPDH and RPI41A-60S, was performed
using SYBR® Green Supermix in a CFX Real-Time PCR
Detection System (Bio-Rad, Hercules, CA). Thermal cycle
conditions were an initial 95°C for 10min followed by 40
cycles at 95°C for 10s and 60°C for 30s.

Data were analyzed using the E*“* method with normaliza-
tion to Ct of housekeeping genes GAPDH (glyceraldehyde
3-phosphate dehydrogenase) and ribosomal protein L41-
A. To determine relative expression of muscle markers,
primers were designed to explore the various phases of
myogenesis. Primer sequences are described in Table 1.

In vivo characterization of EPH

Experimental design. Male Sprague Dawley rats (Janvier
Labs, Le Genest-Saint-Isle, France, 14-week-olds were
divided into two groups (n=3 per group) that each received a
VML injury: (1) left empty, (2) injected with EPH; for 7, 14,
and 21 days. Animals were anesthetized by intraperitoneal
injection of ketamine (50mg/kg) and xylazine (6 mg/kg).
Core temperature was maintained using the surgical bed at
40°C. Rats were administered buprenorphine (0.05 mg/kg,
subcutaneously) 45 min before and 6 h after the surgery, and
each 24h thereafter for the first 48h post-surgery. Animal
pain and distress were assessed daily for the first week post-
surgery to determine the need for any additional analgesia;
no animal required additional analgesia after the first 24h
post-surgery. All animals were euthanized under isoflurane
anesthesia and decapitation. All the experiments and proce-
dures were conducted in accordance with the guidelines of
the local animal ethics committee of the University Claude
Bernard—Lyon 1 and in accordance with French and Euro-
pean legislation on animal experimentation and approved
by the ethics committee CECCAPP and the French ministry
of research (APAFIS#34145-2021111918561554v2).
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Muscle defect model and EPH injection. The surgical pro-
cedure for creating VML in the rat TA muscle was adapted
from a previously described procedure.?® Once deeply anes-
thetized, the rats were shaved, and a skin incision was made
distally at 32mm from the distal origin of the TA muscle
(foot) to 42mm of the proximal origin of TA (knee). The
skin was separated from the connective tissue (muscle fas-
cia) by blunt dissection. A longitudinal incision was made
along the fascia, which was then gently separated from the
TA muscle, taking care to keep it intact for later repair. With
the TA exposed, a 5 mm-biopsy punch was used to create the
full-thickness defect. The punch was inserted until reaching
the tibia underneath. The muscle was excised with scissors
and the excised defect was then blotted and weighed. The
average weight of the excised muscle was 110mg, which
corresponds to 15% of the muscle weight.

Immediately after creation of the muscle defect, a 2/37 mM
DGL/PEG EPH was injected into the defect at a volume of
260l by connecting the static mixer to a 21 G needle.
After crosslinking (10s), the porous hydrogel in excess
was trimmed with scissors and the fascia and skin were
stitched up using silk suture 9-0 and 6-0, respectively.

Tissue harvest, histology, immuno-histochemistry, and
immunofluorescence. TA muscles were dissected, weighed,
and fixed with PFA 4% + sucrose 4% during 4 days at 4°C.
After extensive PBS rinse, muscles were embedded with
paraffin using a tissue processor (HISTOS 5, Milestone),
and stored at room temperature until sectioning. Using a
Leica RM2245 microtome, samples were cut into 5pum-
thick sections and mounted on slides. After dewaxing,
samples were stained with Hematoxylin and Eosin and
Masson’s Trichrome using standard procedure.

For immuno-histochemistry, paraffin-embedded 5um-
sections were dewaxed, and antigenic site retrieval was
carried out by microwaving for 20min in Tris 10mM-
EDTA 1 mM (pH9). The samples were then incubated with
the primary antibody (MyoD, Fisher Scientific, 18943-1-
AP) overnight at 4°C. Having blocked endogenous peroxi-
dase activity with 0.5% hydrogen peroxide, samples were
incubated with the secondary antibody for 45 min at room
temperature (Envision Rabbit, Dako, ref. K4003). Antigen-
antibody complexes were revealed by tetrahydrochloride
diaminobenzidine (DAB, Dako, K3468) and cells were
slightly counterstained with Mayer’s hematoxylin.
Sections were mounted with aqueous medium for micro-
scope observation. A section was also incubated with PBS-
BSA 3% as negative control.

For immunofluorescence, paraffin-embedded 5um-
sections were dewaxed, and antigenic site retrieval was
carried out by microwaving for 20min in 10mM citrate
buffer (pH6) for CDI11 and CD 206 staining or by

hyaluronidase 0.5% (1 h at room temperature) for Type IV
Collagen. The samples were incubated with primary anti-
bodies (rabbit monoclonal anti-CD11¢, Abcam, ab219799,
1/10; rabbit anti-mouse Type IV Collagen, 1/50, 20451-
435b, Novotec) overnight at 4°C. After washing in PBS,
samples were incubated for 1h at room temperature with
the corresponding secondary antibody (rabbit alexafluor
488 or 568, 1:1000, Thermofisher). For CD206, after a
new washing in PBS, the samples were incubated with the
primary antibody (anti-CD206, Abcam, ab300621, 1/200)
overnight at 4°C, followed by incubation with the second-
ary antibody (Rabbit Alexafluor 568) for 1 h at room tem-
perature. Sections were mounted with aqueous medium
with DAPI (Invitrogen) for fluorescent microscope obser-
vation. A section was also incubated with PBS-BSA 3% as
negative control.

Alternatively, samples were embedded with 3% low melt-
ing agarose (Invitrogen). Abour 150 um sections were then
cut using a vibratome (VT100 S, Leica). Tissue sections
were permeabilized using 0.1% TritonX-100 in PBS for
20 min at room temperature. To prevent non-specific bind-
ing of antibodies, sections were blocked using 5% goat
serum and 2% bovine serum albumin (Euromedex) in PBS
for 1h at room temperature. Wheat Germ Agglutinin
(Invitrogen, 1:1000) was diluted in blocking solution
applied to the sections and incubated for 1h at room tem-
perature. After three washes with PBS, sections were incu-
bated for 15min with DAPI (1:100, Sigma-Aldrich) at
room temperature. For sarcomeric myosin (MF20: 1:3,
DSHB), after blocking, sections were incubated in primary
antibody solutions overnight at 4°C. They were then
washed in PBS and incubated in rabbit Alexafluor 488,
555, or 647 labeled secondary antibodies (1:1000,
Thermofisher) at room temperature for 1h, prior to be
stained with DAPI for 15min. All sections were finally
washed twice with PBS before being mounted with
Fluoromount® mounting medium (Thermofisher). Stained
slides were stored at 4°C in the dark until imaging.

Imaging and image analysis

Imaging. Stained sections were imaged using either a Zeiss
Axiolmager 7 slide scanner or a Nikon AXR, equipped
with 10X and 20X air objectives. Tile-stitched was made
to view the entire longitudinal area of each section.

Quantitative analysis. Imagel software was used for quanti-
tative analysis of all images.?’ The “polygon tool” within
ImageJ enabled precise delineation and measurement of
the areas occupied by both muscle tissue and the EPH scaf-
fold, as well as the pore size within the images. This
approach allowed accurate determination of the spatial
distribution and coverage of the EPH implant within the
muscle tissue.
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Analysis of pore structure. Using data on the surface area
covered by the EPH structure and the number of pores
counted, along with their individual surface areas, the per-
centage of closed pores was calculated. “Closed pores”
refer to the distinct void spaces within the EPH scaffold
that are visibly sealed as observed in the acquired images.
Additionally, the percentage of empty pores was assessed
to monitor the degree of cellular infiltration and scaffold
remodeling over time.

Myofiber alignment assessment. We carefully measured
the percentage of myofibers that were aligned versus
non-aligned at 7 and 21 days after muscle injury, with and
without EPH injection. First, using the "Oval" selection
tool in ImageJ, an area encompassing the injured muscle,
including the visible granulation tissue, was delineated
on every image. This oval area was then duplicated by
drawing a second oval shape, twice its size, around the
initial one, effectively defining the immediate healthy/
injured-muscle interface. This region comprised the EPH
implant (if present), the granulation tissue, and the adja-
cent untouched muscle tissue. Subsequently, within this
cropped area, myofiber regions around the lesion were
visually identified and separated into two categories:
aligned and non-aligned. The areas occupied by each
zone were quantified, and each area was attributed to the
corresponding category of aligned or non-aligned
myofibers. Finally, the percentages of aligned and non-
aligned myofibers were calculated, leading to the genera-
tion of cumulative histograms representing the myofiber
distribution, categorized into aligned and non-aligned,
for each condition.

EPH degradation rate assessment. To study the degrada-
tion rate of the injected EPH over the implantation
period, serial longitudinal cross-sections of the muscle
samples (5 um-thick) were prepared at 7- and 21-day
post-implantation. Various levels of cross-sections were
selected from the rats” TA muscle to quantify the percent-
age of EPH visible in Masson’s Trichrome-stained images
relative to the total muscle tissue in each section. The use
of different levels of slices from the muscle ensures a com-
prehensive analysis of the EPH degradation, capturing
variations across the entire muscle tissue.

Statistical analysis

Statistical analyses were performed with Graphpad prism.
Tests were performed using variance analysis (ANOVA)
or t-test after a Shapiro-Wilk normality test. In vitro
graphical data are shown as mean = standard deviation
(SD) and p-values of 0.05 and below were considered sig-
nificant. In vivo data values are presented as mean * stand-
ard error (SE).

Results

Determination of DGL/PEG hydrogel stiffness
and composition

We synthetized hydrogel by the chemical crosslinking
between poly(ethylene) glycol (PEG) and lysine dendrim-
ers (DGL) though N-hydroxysuccinimide (NHS) coupling
chemistry (Figure 1(a) and (b)). The crosslinking was
achieved by simply mixing both components in aqueous
solution at adequate concentrations and ratios followed
by vigorous homogenization. The PEG molecules func-
tionalized with NHS activated esters at both molecule
ends react with the primary amines (NH,) present in high
densities on the DGL surface to form covalent amide
bonds. The dual reactive functionality of NHS-PEG-NHS
toward DGL leads to the formation of a polymer network.
Characterizations of reactants and resulting DGL/PEG
hydrogels by FT-IR and RMN (Figure S1) indeed indi-
cate such a polymerization reaction. The FT-IR spectra of
PEG-NHS, DGL, and DGL/PEG hydrogel (Supplemental
Figure SI1A) show the characteristic stretching vibra-
tional bands as sp* C—H (CH, groups) at 2871 cm™', C-O
stretching vibration at 1250, 1200, and 1098 cm™! corre-
sponding to ether groups in the PEG molecule®®*! and
DGL/PEG hydrogel. Regarding DGL, the absorption band
at 1550cm™" could be attributed to v, of polylysine
chains.’>> The molecule displayed characteristic C-N
stretch peaks of aliphatic amines at 1200 and 1140cm ™.
The secondary amides present in the DGL can be inferred
through the two strong absorbance bands at 1639 and
1667cm™!, which are characteristic of the C=0 stretch of
secondary amide. In the DGL/PEG hydrogel spectrum,
both PEG and DGL profiles can be recognized. However,
it is important to notice the disappearance of the absorp-
tion at 1738cm™!, which can be ascribed to the C=0 bonds
of N-hydroxysuccinimide moieties present at both ends of
the PEG molecule, in the DGL/PEG hydrogel spectrum.
Further indicating that the PEG-NHS molecules reacted
with the amine present on the DGL during crosslinking,
the characteristic secondary amide peak at 1667 and
1639cm™! and companion peak at 1542 cm™!, correspond-
ing to the N-H bend of the secondary amide group, are
more intense. The water present in the hydrogel is clearly
visible by the absorption peak at 3400-3200cm !, belong-
ing to the stretching of the —OH group, and the peak at
1639cm™!, caused by the bending vibration of O-H.

The presence of both PEG and DGL in the formed
hydrogel was confirmed by solid-state NMR, as shown in
the '"H-"*C INEPT NMR spectrum in Supplemental Figure
S1B. Solution NMR reference 'H-!*C spectra of DGL and
PEG-NHS were recorded for comparison. For DGL, the
resonances obtained are characteristic of the '"H chemical
shifts reported in the literature for polylysine®® and for
third generation lysine dendrigrafts.”® PEG resonances
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Figure |. DGL/PEG hydrogel formulation and mechanical characterization: (a) lllustration of the chemical reaction occurring
between DGL and PEG-NHS to form cross-linked DGL/PEG hydrogel and (b) representative picture of a 2/25mM DGL/PEG
hydrogel disc of 2mm thickness and 9.1 mm diameter at room temperature. (c) Elastic modulus (E') and (d) loss modulus (E"),

in compression of DGL/PEG hydrogels of various concentration and ratio (kPa). (e) Elastic modulus as a function of DGL/PEG
concentration for a set DGL concentration (2mM) and (f) for a set PEG concentration (25 mM) Lines: (e) linear (R% 0.9998) and
(f) exponential (R%: 0.8702) regression. (g) Swelling ratio over time of hydrogels of various DGL/PEG concentration (mM). (c and d)
One-way ANOVA + Tukey’s multiple comparison test p <0.05 compared to ®: 2/25, &: 2/37, o: 2/50mM DGL/PEG hydrogel. G:
One-way ANOVA + Tukey’s multiple comparison test *p < 0.05. *¥p < 0.01. ***p < 0.001.

can be identified based on known chemical shifts described
in the literature® and using MestReNova software predic-
tions for '"H and '*C chemical shifts. The DGL signals
overlapped well between solution NMR and solid-state
NMR of the hydrogel (Supplemental Figure SI1B).
Conversely, some PEG-NHS signals displayed discrepan-
cies. While the methylene groups (1), (2), and (3) were
mostly unaffected (8., = 72.3ppm; 5,,, = 3.70 ppm; 3, =
71.5ppm; §,, = 3.62ppm; 6., = 41.8ppm; J,; =
3.39ppm), the methylene groups (4), (5), and (6) did not
overlap between PEG in solution and in the hydrogel. A
signal corresponding to free NHS (5./=27.9ppm;
8, =2.76ppm) indicated the release of NHS from the
PEG molecule. In addition, the methylene groups (4) and

(5) exhibited a downfield shift in the carbon dimension in
the hydrogel compared to PEG in solution resulting in a
single signal at §.,,=34.1ppm; 3§,,,=2.86ppm. This
indicates that these two methylene groups now share a
similar chemical environment. This change in chemical
shift is likely due to the formation of a crosslink between
PEG and DGL, which introduces an NH group near meth-
ylene (5), thereby creating an almost symmetrical environ-
ment for groups (4) and (5). Moreover, a new signal at
8,,=39.6 ppm; J,,,=3.02ppm likely represents the meth-
ylene group in the newly formed chain with DGL, which is
closest to PEG and matches with predictions. Thus, solid-
state NMR confirms the presence of the crosslink between
DGL and PEG in the hydrogel and the release of NHS.
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Table 2. Elastic modulus (E'), loss modulus (E"), and swelling ratio of DGL/PEG hydrogels of various concentration and ratio.

DGL/PEG (mM) DGL:PEG ratio Elastic modulus (kPa) Loss modulus (kPa) Swelling

1/25 1:25 12024 1.0+0.3 20.8+04
1.6/25 I:16 183+22 25+04 194+23
2/19 I:10 30.6 2.6 49+08 19.7£2.6
2/25 1:12 54.7 £3.1 86*1.2 14.6 0.7
2/37 I:16 1055115 185+3.4 [1.1+0.1
2/50 1:25 157.8 = 14.1 40.9+9.6 86+04

The elastic (£") and loss (E") moduli of 2D hydrogels
with various compositions were determined at 1 Hz fre-
quency with a 50 um amplitude. The modulation of DGL/
PEG ratio and concentration from 1/25 to 2/50mM DGL/
PEG allowed the stiffness modulation from 12.0 = 2.4kPa
(1/25mM DGL/PEG) to 157.8 = 14.1kPa (2/50 mM DGL/
PEG; Figure 1(c) and Table 2). For all hydrogels composi-
tions, £’ was greater than E” whatever the concentration
and ratio used (Figure 1(d)) confirming the realization of
self-standing hydrogels. Interestingly, while a proportional
increase in PEG concentration for a given DGL concentra-
tion induced a linear elastic modulus increase (Figure 1(e),
R?=0.9998), a proportional increase in DGL concentration
for a given PEG concentration triggered an exponential
rise of E' (Figure 1(f), R?=0.8702). These results suggest
that the DGL has a predominant control over the hydrogel
stiffness and appears to be the limiting molecule in the
reaction.

The swelling properties of the hydrogels were deter-
mined in PBS at 37°C to mimic physiological conditions
(Figure 1(g)). An increase in the DGL/PEG concentration
and molar ratio triggered a decrease in hydrogels swelling,
as reflected by the PBS absorption going from 2000% to
800% of the hydrogels dry weight for 1/25 and 2/50 mM
DGL/PEG, respectively. In conclusion, the modulation of
both DGL and PEG concentration and their ratio enables
precise control of the stiffness and the water absorption of
the resulting hydrogels (Table 2).

Effect of DGL/PEG hydrogel substrate stiffness
and composition on the behavior of murine
muscle cells

Taking advantage of the DGL/PEG hydrogel versatility,
the proliferation and differentiation of murine myoblasts
(C2C12 cells) was assessed on 2D flat hydrogels with dif-
ferent stiffness and molar ratios (Figure 2(a)). First, the
ability of C2C12 myoblasts to proliferate on different
hydrogels compositions was assessed by the evolution of
cell confluency over time. We observed that under almost
all the conditions, except for the softer 1/25mM DGL/
PEG hydrogel, C2C12 myoblasts normally expanded, and
this ability was correlated with the hydrogel stiffness
(Figure 2(b) and (c)). Indeed, the stiffer the hydrogel, the

higher the cell confluency, peaking at 105.5 = 11.5kPa for
the 2/37mM DGL/PEG condition. However, in the
2/50mM DGL/PEG condition, although being stiffer,
myoblasts confluency was reduced, indicating a possible
threshold value condition. In the 2/25 and 2/37mM DGL/
PEG conditions, C2C12 myoblasts covering 35 = 9% and
43 = 9% of the area respectively, were not statistically dif-
ferent from the plastic dish used as a positive control (in
which cells covered 35 = 8% of the area). As myoblasts
spreading and elongation are sensitive to the substrate
stiffness in vitro,*® we next evaluated C2C12 myoblasts
spreading, 30h after cells seeding (Figure 2(d); S2).
Myoblasts were well spread out and spindle-shaped,
except for the 1/25mM DGL/PEG condition which exhib-
ited round-shaped cells associated with small spreading
areas (Figure 2(d)).

We finally addressed if the mobility of C2C12 myo-
blasts on DGL/PEG hydrogels was affected compared to
the control plastic substrate (Figure 2(e)). We first con-
firmed that hydrogels facilitate cell displacement, except
for the softer condition (1/25 mM DGL/PEG:; Figure 2(e)).
Interestingly, while the stiffness drove C2C12 prolifera-
tion, their morphology and migration on the support were
linked to hydrogel compositions, through the amount of
DGL relative to PEG. On hydrogels with 1:25 and 1:10
DGL:PEG molar ratios, C2C12 myoblasts were less
mobile and presented a smaller area compared to cells
plated on hydrogels with 1:16 and 1:12 DGL:PEG molar
ratios, which were similar to the positive plastic dish con-
trol (Figure 2(d) and (e)). This first approach allowed to
discard the 1/25mM DGL/PEG hydrogel condition as no
cell proliferation or mobility was observed (Figure 2(d),
(d), and (e)) and permitted to next assess myoblasts dif-
ferentiation capacity.

C2C12 myoblasts were thus induced to differentiate
into fusing cells by switching the media to low serum con-
dition*! (Figure 2(f)). Under these conditions, myoblasts
exit the cell cycle and become myocytes, specialized cells
with the potential to fuse with each other, forming multi-
nucleated myotubes, which can be easily detected by their
specific myosin expression.*? Six days after serum deple-
tion, myotubes were formed on almost all DGL/PEG
hydrogels as shown by the myosin heavy chain staining
(MyHC; Figure 2(f)). In 2/19mM DGL/PEG condition,
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Figure 2. C2CI2 myoblasts behavior on DGL/PEG hydrogels of various stiffness and compositions: (a) Myoblasts were cultured
30h in proliferative condition and then switched culture for six more days in serum-depleted medium for six more days. (b) C2CI2
myoblasts confluence over time on various DGL/PEG hydrogels in proliferative conditions. (c) Cell confluence and (d) cell spreading
area and (e) cell velocity for 24 and 30h post myoblasts seeding, as a function of DGL/PEG hydrogel concentration and ratio (mM
DGL/PEG). F) Representative images of C2C|2 myotubes on 2D flat DGL/PEG hydrogels stained for Myosin Heavy Chain (Red,
MyHC) and Dapi (Blue, cell nuclei). Scale bar=200m. (g) Fusion index as a function of hydrogel concentration (mM DGL/PEG),
after 6 days in serum depleted medium. (h—j) C2CI2 myotubes quantifications after 6 days in serum depleted medium as a function
of hydrogel concentration (mM DGL/PEG): (h) nuclei per myotubes, (i) myotubes area quantification (j), and elongation index
(Feret’s diameter/width; left). P: Plastic dish. C, D, E, G: One-way ANOVA + Tukey’s multiple comparison p <0.05 compared to y:

1.6/25; @: 2/25, &: 2/37, * Plastic dish.

which has the highest proportion of DGL relative to PEG
(i.e. 1:10, Table 2), no myotubes were formed after 6 days
although it exhibited a 80% cell confluency, compatible
with cell fusion conditions. We first quantified myoblasts
fusion capacity on hydrogels (fusion index), by evaluating
the percentage of nuclei present in myotubes (cells with a
positive staining for myosin heavy chain (Figure 2(g)).
We found that hydrogels with the same DGL: PEG ratio
(i.e. 1.6/25 and 2/37mM DGL/PEG) display the highest
fusion capacity. This myogenic capacity of these two
hydrogels composition was confirmed using other param-
eters such as the average number of nuclei inside myo-
tubes (Figure 2(h)), the mean area of myotubes (Figure
2(i)), and the myotube elongation (Figure 2(j)). Thus, the
fusion capacity of C2CI12 myoblasts on hydrogels
appeared to be related to the DGL:PEG ratio and unre-
lated to substrate stiffness as hydrogels with different
elastic moduli but with the same DGL: PEG ratio (i.e.
1.6/25 and 2/37mM DGL/PEG at 183*2.2 and
105.5 = 11.5kPa, respectively) showed a similar fusion
index of 8.2 = 1.1% and 8.1 £ 0.7%, respectively. What is
more, conditions with a smaller fusion index, and thus,
smaller amount of PEG with DGL:PEG molar ratio of
1:10 and 1:12 exhibited myotubes with a decreased nuclei
content by myotubes, smaller myotube areas with a lim-
ited elongation (Figure 2(h—j)).

The increasing amount of DGL inside DGL/PEG
hydrogels was thus related to a decrease in cell ability to
spread out and to fuse on substrates, suggesting that the
DGL could have an influence on cell behavior. To confirm
the above-mentioned assumptions, C2C12 myoblasts were
studied on saturated DGL-coated surfaces on which the
resultant stiffness is provided by the polystyrene beneath
and is not varied. Myoblasts grown on DGL coatings or on
plastic dish showed no significant variation in metabolic
activity after 120h in proliferation (Supplemental Figure
S3A). Cells grown on Matrigel showed increased meta-
bolic activities, linked to the presence of proteins, growth
factors, and protease in the Matrigel composition, which
collectively contribute to its biological activity.** A similar
fusion index was observed for myoblasts cultured on
Matrigel or on crude plastic dish, with 23.3 +=1.5% and
26.5*2.3%, respectively. However, it dropped to
4.1 £0.9% on DGL-coated polystyrene as reflected by an

85% decrease of the fusion index compared to cells on
plastic dish (Supplemental Figure S3B). In addition to the
fusion impairment, DGL coatings affected myotubes mor-
phology and fusion, which exhibited a smaller area with
fewer nuclei compared to myotubes on the uncoated plas-
tic dish control (Supplemental Figure S3C and D). These
results confirm the predominant role of the DGL within the
DGL/PEG hydrogel on C2C12 myoblasts fusion capacity.

Evaluation of the 3D induced DGL/PEG
hydrogel structure for myoblasts growth and
differentiation

The desired function of any implanted material, particu-
larly in VML, is to allow muscle and vessel cells infiltra-
tion that will prevent necrosis, support tissue formation
and functional outcome.'? Based on our results (Figure
2), only the three conditions associated with an increased
proportion of PEG compared to DGL (i.e. 1.6/25, 2/25,
and 2/37mM DGL/PEG conditions) were selected for
further myogenesis-related analysis into 3D hydrogels
conditions. Due to the tight mesh size of the DGL/PEG
hydrogel (<10nm*), an adapted porosity is required to
enable cells penetration and replicate the intricate native
3D signals provided by the physiological extracellular
matrix. The three selected conditions of DGL/PEG
hydrogel were thus rendered porous to form a 3D struc-
ture through an effervescent approach as described previ-
ously.?? Effervescent porous hydrogels (EPH) could be
easily formulated through a straightforward single-step
injection using dual-chamber syringe. After crosslinking,
hydrogels of 75%—-80% porosity can be obtained, with an
average pore size of about 300 um and extensive pore
interconnection, with windows of interconnection reach-
ing 130um. We therefore assessed the ability of the
porous structures to support skeletal muscle cell infiltra-
tion using C2C12 myoblasts seeded at a density of
20,000 cell/cm? on the top of EPH (Figure 3(a)). After
7days in proliferative conditions, cells populated the
entire 2 mm-thick structure, confirming the suitability of
the 3D interconnected structure to allow rapid cell entry
and colonization (Figure 3(b)). Proliferative C2C12 myo-
blasts were therefore allowed to colonize the entire scaf-
fold before cell differentiation was induced by immersing
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Figure 3. C2CI12 myoblasts behavior inside EPH of various concentrations: (a) scheme of the procedure for the cell culture.

(b) Representative images of C2C12 myoblasts repartition inside a 2/25mM DGL/PEG EPH after 7 days in proliferative conditions
(myoblasts nuclei in blue and hydrogel in green) and close up (red dashed rectangle) with red arrows pointing at cell nuclei
accumulation. (c) Representative images of C2C12 repartition inside a 2/25mM DGL/PEG EPH after 7 days in proliferative
conditions and 6 days in serum-depleted medium (cell nuclei in blue and hydrogel in grey). Scale bar =400 m. (d) Quantification

of MyH4 mRNA expression after |, 3, and 6 days after serum depletion on various EPH conditions. One-way ANOVA + Tukey’s
multiple comparison. (e) Representative images of myotubes inside EPH of various DGL/PEG compositions stained for actin
cytoskeleton in green, myosin heavy chain (MyHC) in red, cell nuclei in blue, and hydrogel in dark gray). Scale bar=200m.

the 3D scaffolds in serum-depleted medium. After an
additional 6days in these differentiation conditions,
myoblasts nuclei were still observed throughout the
entire depth of the hydrogels, validating a homogeneous

distribution within the EPH (Figure 3(c)). The commit-
ment of myoblasts into the differentiation process was
evaluated by the quantification of the expression of a spe-
cific myogenic gene (Myosin heavy chain 4, MyH4)
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Table 3. Quantification of C2C12 fusion index (% of nuclei in MHC positives myotubes), myotube area and elongation index
(Feret diameter/width) after 6 days in serum depleted medium inside 3D EPH of various concentration and molar ratio (mM DGL/

PEG).

DGL/PEG (mM) DGL: PEG ratio Fusion index Area (um?) Elongation index
1.6/25 1:16 83+33 3694 = 1231 13.7+3.3

2/25 1:12 9.8+£0.7 5221 £416 156+1.8

2/37 1:16 9.1 £2.6 4276 = 1044 168+ 1.4

One-way ANOVA + Tukey’s multiple comparison show no statistical differences among data.

using RT-qPCR after 1, 3, and 6days in differentiation
conditions. As expected, our results indicated a time-
dependent increase of MyH4 expression, consistent
across all studied EPH conditions, confirming that the
selected EPH are a favorable substrate for muscle cells
differentiation (Figure 3(d)).

We next questioned myotubes morphology and their
localization inside the EPH using confocal microscopy
approach. The images confirmed the ability of C2C12
myoblasts to fuse and form multinucleated myotubes, as
revealed by the myosin heavy chain staining, in all EPH
conditions (Figure 3(e)). Notably, for the three condi-
tions, myotubes were present throughout the entire 2 mm
thick EPH, further confirming the C2C12 myoblasts
fusion capacity throughout and in the depth of the EPH.
To better appreciate the characteristics of the formed
myotubes, different parameters such as the fusion index,
myotubes mean area, and myotubes elongation were
quantified (Table 3). The 2/25 mM DGL/PEG EPH con-
dition exhibited the best ability to sustain C2C12 myo-
blasts fusion in 3D, despite showing comparatively lower
fusion support in 2D. Consequently, within the EPH,
lower DGL: PEG (1:16) molar ratios were less likely to
promote cell fusion and form large myotubes compared
to the higher DGL: PEG (1:12) molar ratio (Table 3). For
the softer condition (i.e. 1.6/25mM DGL/PEG), myo-
tubes area was smaller than for stiffer conditions (i.e.
2/25 and 2/37) although not significantly (Table 3).
Overall, myotubes arca quantification indicated larger
myotubes into 2/25 mM DGL/PEG EPH.

For all EPH conditions studied, myotubes shape adapted
perfectly to the curvature of the pores obtained (visible on
Figure 3(e), 2/37mM DGL/PEG condition, bottom) sug-
gesting that a rounded, curved structure also supports
myotubes elongation. Interestingly, some myotubes were
observed with no continuous contact with the substrate
(visible on Figure 3(e), 2/37mM DGL/PEG condition, top,
asterisk), suggesting that curvature promotes myotube
detachment and/or strong anchoring of the tip of myotubes
to the support, reflecting potentially better myotubes matu-
ration (Figure 3(e)). In summary, EPH guided the growth
and differentiation of C2C12 myoblasts cells, indicating a
suitable environment for both myoblasts proliferation and
myotubes differentiation.

Validation of the myogenic potential of EPH
using primary human myoblasts

To confirm the broad myogenic capacity of the designed
EPH, the behavior of primary human myoblasts (pHMs) was
investigated to provide a further step toward the characteri-
zation of EPH potential. Based on our results, we set aside
the 1.6/25mM DGL/PEG EPH condition for further studies
as it showed the lowest fusion and elongation capacity.

Purified pHMs were seeded onto 2/25 and 2/37 EPH
and their ability to form multinucleated myotubes inside
EPH was appreciated using confocal microscopy analysis
(Figure 4). pHMs demonstrated a similar aptitude to infil-
trate the 2mm thick, porous structures as observed with
murine C2C12 myoblasts, confirming the EPH suitability
for infiltration, colonization, and proliferation of cells
from different origins, including human cells. After a pro-
liferation phase, pHMs culture media was switched to a
serum-depleted medium for either 6 or 10days (respec-
tively DM6 and DM10). In these conditions, the majority
of pHMs had fused into myotubes within the different
EPH, as indicated by the staining of both myosin heavy
chain (MHC) and desmin in cells with multiple nuclei,
confirming the pro-fusiogenic potential of the two selected
EPH conditions (Figure 4(a)). Moreover, the EPH were
able to support the fusion of pHMs in a well longitudinal
organized manner. Some multinucleated cells exhibited
intrinsic alignment within individual pores (exemplified in
Figure 4(a), 2/25 mM DGL/PEG condition).

In addition, akin to C2C12 cells, some myotubes were
lifted off from the substrate, bridging pore edges, as shown
in Figure 4(a) under the 2/37mM DGL/PEG condition.
These “crossing myotubes” are potentially induced by
their detachment from the support as maturation pro-
gresses and could thus indicate a better achievement of the
myofibrillogenesis, giving the possibility for these
“mature” myotubes (i.e. myofibers) to spontancously con-
tract. To explore this possibility, myotubes were allowed to
mature for 10days in the EPH and were monitored using
conventional microscopy. As shown in Supplemental
Videos 1 and 2, deformation of the EPH was observed
upon myofibers contraction, starting after 6 days of differ-
entiation. These results indicate that the EPH not only sup-
ports myofiber contraction but also adjusts to the tension
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Figure 4. Primary humans muscle stem cells (pHMs) behavior inside EPH of various DGL/PEG concentrations: (a) pHMs plated
onto 2/25 or 2/37mM DGL/PEG EPH after 6 days in serum depleted medium (DMé). Cells were stained for either Myosin Heavy
Chain (red, MyHC, top) or desmin (red, bottom), actin in green and dapi, in Blue (cell nuclei). Scale bar=100m. (b) pHMs plated
onto 2/25 or 2/37mM DGL/PEG EPH after 10days in serum depleted medium (DM10). Top: images of cells stained for desmin
(red), a-actinin in gray and dapi, in blue (cell nuclei). Bottom: close up of red dashed rectangle (top) pointing a-actinin striation.

Scale bar=50m.

exerted by myofibers on the environment. This reached
step of myotubes maturation into myofibers was confirmed
using confocal microscopy, which showed striated stain-
ing for a-actinin protein within desmin positive multinu-
cleated cells (Figure 4(b)).

Taken together, the maturation of myotubes into
myofibers with contractile capacity within the EPH sup-
ports their potential to sustain muscle formation and, con-
sequently, the regeneration process in vivo.

In vivo evaluation of the EPH in the repair of
large rat muscle defects

Based on our experiments realized with murine and human
myoblasts on 2D and 3D conditions (Figures 2—4), we
selected the 2/37mM DGL/PEG EPH condition to assess
its suitability when directly injected into large muscle
defects and its subsequent interaction with the muscle
regeneration process. Defects of 5 mm were created in the
Tibialis anterior muscle of Wistar rats (Figure 5(a)). EPH
were injected through a 21 G needle into the created mus-
cle defect (Supplemental Video 3). Ten seconds post-injec-
tion, hydrogel crosslinking provided porosity formation
and structural rigidity before wound suturing. Twenty-four
hours after surgery, the animals were able to walk, with no
signs of sepsis, infection, or visible pain. Upon excision of

the injected implants after 7 or 21 days, EPH appeared well
integrated into the defect site, with no fibrous capsule for-
mation (Figure 5(b)). Granulation tissue was evident
directly around the injected porous hydrogels, extending to
the edges of the seemingly original defect (Figure 5(b),
arrows). The in situ-created porosity within the injected
EPH was visible, accompanied by a clear cellularization
inside the porous structure (Figure 5(b), WGA staining).
After 21days, the granulation tissue was significantly
reduced, muscle fibers reached hydrogel edges, and exten-
sive cellularization occurred within the scaffold’s pores. In
non-injected muscles defects (empty defects), similar
granulation tissue was observed at 7days. By 21days,
however, the granulation tissue was almost resolved, mak-
ing it challenging to pinpoint the original defect location
by histology.

EPH injection into the muscle defect allowed in-situ
porous structure formation exhibiting polydisperse sizes
and a mean ranging between 123 and 151 pm (Figure 5(c)),
with a quantifiable pore density close to 50per mm?2
(Figure 5(d)). The number of pores did not significantly
decrease over implantation, indicating that the porous
structure remains stable, at least for 21 days. This was con-
firmed by a similar surface of injected EPH in serial cross-
sections of the muscle defects after 7 and 21 days (Figure
S4). Highlighting pore interconnection, extensive cellular
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Figure 5. EPH suitability and fate in a muscle defect: (a) Scheme of the experimental design, images of rat tibialis anterior

muscle defect and EPH injection procedure. (b) Hematoxylin Eosin (HE), Masson’s Trichrome (TM) and Wheat-Germ Agglutinin
(WGA) staining of whole TA muscle harvest at two distinct time points (7- and 2 |-day post-implantation). Images provides

a macroscopic view of tissue morphology and the spatial distribution of the injected EPH constructs within the muscle tissue
(highlighted in orange). Injured-healthy muscle interfaces are indicated by dashed lines. All scale bars =500 pum. (c; up) Closed pore
size distribution, in um, of EPH in muscles (n=3); (bottom) Closed pore mean diameters characteristics after 7 and 21| days, in um
(n=3). (d) Closed circular pore density within EPH over implantation time, refers to the density of circular-shaped pores within
the EPH implants. (e) Percentage of empty pores within EPH at 7- and 21-day post-implantation, giving information on the rate of
cellular infiltration and scaffold degradation. (f) Representative Masson’s trichrome staining showing cellularized pores within the

EPH over implantation. EPH is annotated with an asterisk (¥).

infiltration reached 65% of quantified pores after 7days
and 80% after 21 days (Figure 5(e)). In addition to cellu-
larization, tissue formation was visible within the pores,
featuring significant collagen deposits (Figure 5(f), in
green). Fibroblast-like cells with elongated phenotype
were also observed within the hydrogel, in close contact
with collagen sites.

Immunofluorescence and immunohistochemical anal-
yses were realized to better characterize the various cell
populations inside the EPH pores, or at the interface
between the granulation and the muscle tissues (Figure 6).
In the granulation tissue, a high density of inflammatory
cells was present (granulocytes or lymphocytes) and mac-
rophages. Within the EPH pores, these inflammatory cells
were concentrated at the proximity of the hydrogel, with
evidence of phagocytosis. A staining for M1 (CD11) and
M2 macrophages (CD206) revealed the presence of both
cell’s types, with a predominance of M2 type and cells
expressing both markers (Figure 6(a)). Extensive vascu-
larization was observed within the pores and throughout
injected EPH, confirmed by specific staining for type IV
collagen (Figure 6(b)). We next investigated the presence
of muscle cells and myotubes inside the EPH (Figure 6(c)
and (d)). Supporting our in vitro-based observations of
hydrogel ability to sustain myoblast adhesion and prolif-
eration, we observed in vivo, MyoD+ mononucleated
myoblasts dispersed within the porous hydrogel (Figure
6(c) and (d)). However, their distribution varied signifi-
cantly from one pore to another. Moreover, we identified
two distinct multinucleated muscle cell populations within
the EPH: (1) multinucleated cells, negatives for MyoD
staining, with an amount of myonuclei between 10 and 20
that remain aggregated in the center of myotubes (Figure
6(c), cropped areas no. 1-5, orange arrows). In alignment
with the heterogeneous distribution of mononucleated
MyoD+ myoblasts within the hydrogel, these myotubes
are also unevenly dispersed. However, these myotubes
were located at a significant distance from the injury site
(Figure 6(c), cropped area no. 1), confirming the EPH’s
ability to support MuSC cells entry, proliferation, and
subsequent muscle cell formation and fusion (Figure 6(e),
dash circle). (2) Multinucleated cells, positives for MyoD
staining, with either centralized or peripheral myonuclei
positioning, reflecting ongoing fusion of muscle cells at

different level of formation/maturation (Figure 6(c),
cropped areas no. 2-5, white arrows). These myotubes/
myofibers are mainly found within the peripheral pores of
the hydrogel or at the transition zone between porous
hydrogel and remaining muscle tissue. It suggests that the
hydrogel also favors skeletal muscle fibers anchoring and
regeneration at its periphery. Indeed, in comparison to the
surrounding muscle tissue, the staining suggests a more
pronounced alignment of the muscle fibers near the EPH
(Figures 5(b) and 6(c)). To quantify this observation, we
assessed the orientation of the muscle tissue at the vicinity
of the injury site, with or without the EPH (Figure 6(f)).
The proportion of surrounding muscle tissue with aligned
myofibers compared to non-aligned myofibers was less
than 50%, 7 days after injury without EPH and this ratio
decreased to 30%, 21 days post-injury. However, the pres-
ence of EPH correlates with improved organization at
both 7- and 21-day post-injury, with more than 75% of the
surrounding tissue containing aligned muscle fibers
(Figure 6(f)). This result suggests that, without EPH, the
presence of granulation tissue near the regenerated mus-
cle tissue areas favor the local disorganization of muscle
fibers, disrupting their continuity and organization, and
thus, contributing to the muscle dysfunction. Therefore,
the selected EPH composition, when present at the injury
site, (i) promotes the anchoring of the remaining pre-
served muscle tissue to the EPH or (ii) aid in the transition
from the muscle necrosis stage to the regeneration stage,
thus maintaining an organized muscle tissue near the site
of lesion.

Discussion and conclusion

Although the scientific community has extensively inves-
tigated various approaches to improve muscle healing,
there is still no gold standard treatment.*> This study aims
to evaluate a synthetic acellular biomaterial as a support to
enhance skeletal muscle regeneration. To this aim, we
have tested in vitro various compositions and ratios of a
synthetic DGL/PEG-based biomaterial. Our objective was
to adapt the biomaterial to support the attachment, prolif-
eration, and differentiation of muscle cells. After selecting
the most suitable composition, we investigated its applica-
tion in vivo into large muscle defects. Here, we discuss the
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Figure 6. Microenvironmental characterization and cellular dynamics toward the EPH implants: (a) Representative images

of immunofluorescence staining for M| (CDI 1) and M2 (CD206) macrophages, and (b) blood vessels (collagen type IV). Scale
bar=200m. (c) Right: representative images depicting MyoD immunohistochemistry. Scale bar=500m. Left: cropped area from

the right panel, white arrows point multinucleated cells, positives for MyoD with centralized/aligned myonuclei; orange arrows
point multinucleated cells, negatives for MyoD with aggregated myonuclei. EPH is denoted with an asterisk (*). Scale bar=100m.

(d and e) Representative images illustrating immunofluorescence staining of muscle cells (MyoD in green and MyHC in red). EPH

is denoted with an asterisk (*) and dapi: in blue. Multinucleated cell with aggregated myonuclei is circled with dash lines. Scale

bars =200 um. (f) Percentage of aligned and non-aligned myofibers at 7- and 21-day post-muscle defect with EPH injection compared
to empty defects. Injured-healthy muscle interfaces are indicated by dashed lines.

implications of our findings and their relevance for myo-
genesis and skeletal muscle regeneration.

It is well known that myoblasts cells sense substrate
stiffness and, depending on the rigidity of the support,
myotubes differentiation and myofibrils formation will be
influenced.*® One of the main challenges in skeletal mus-
cle regeneration, is designing muscle-tissue-optimized
supports with stiffness adapted to the complex behavior of
muscle cells. This is especially crucial as many cell types,
when grown on soft matrices, exhibit minimal adhesion,
resulting in less spreading, reduced proliferation rates and
a minimal actin stress fibers formation. Conversely, rigid
matrices induce increased cells spreading with focal adhe-
sions and formation of actin stress fibers, negatively
impacting their mobility.*® Similarly, too soft or too rigid
matrices impair myofibrils formation.** Our DGL/PEG
hydrogel composition can be tailored to exhibit a range of
rigidities from 12 to 160kPa and a range of DGL:PEG
ratio from 1:25 to 1:10, both influencing myoblasts mor-
phology, proliferation, and mobility (Figures 1 and 2).
These results are in accordance with previous observations
on fibroblasts where the amount of DGL in the DGL/PEG
hydrogel played a critical role on cells adhesion, morphol-
ogy, and viability.?® DGL’s influence on cells is related to
cationic charges brought by NH2 groups present on DGL
surface.*’ Cells use adhesion sites to contract the cell body
forward*® and be able to migrate on supports. This increase
in cells adhesion could thus lead to the myoblasts decreased
propensity to migrate on DGL/PEG hydrogels of high
DGL concentrations.

In addition, myoblasts seeded on neutral surfaces dis-
play higher expression of myogenic factors in comparison
with positively (NH2) and negatively (COOH) charged
surfaces suggesting a better differentiation on neutral sur-
faces.* This decrease in the differentiation properties was
related to an enhanced interaction of cells with NH2 moie-
ties through a5B1 and avB3 integrins.*’ In summary, this
result confirms that an increased ratio of DGL in the DGL/
PEG hydrogel led to higher levels of cationic charges,
influencing both myoblast proliferation and subsequent
differentiation (Figure S3). Increasing the amount of PEG-
NHS, which reacts with NH2+ moieties, decreases the
positive charges and restores C2C12 myoblasts fusion
properties. Therefore, it is necessary to find an equilibrium
in the DGL:PEG ratio to enable cell adhesion via cationic

charges without being too elevated and inhibiting subse-
quent fusion process. These conditions have been found
with conditions 1.6/25, 2/25, and 2/37mM DGL/PEG
hydrogels.

Overall, PEG-based hydrogels have gained considera-
ble attraction in tissue engineering research over the recent
years.>® These hydrogels have demonstrated promise in
mimicking the stiffness and mechanical characteristics of
the muscle extracellular matrix, potentially facilitating the
regeneration of myogenic tissue.>! Our hydrogel stands out
for skeletal muscle applications due to its unique formula-
tion containing poly lysine dendrimers (DGL).2® While
synthetic biomaterials, such as PEG-based hydrogels, gen-
erally requires coating or mixing with natural materials
such as fibrin, laminin, or Matrigel to promote cell attach-
ment,>® we offer a simplified and streamlined approach to
scaffold design for skeletal muscle tissue engineering by
integrating DGL directly into the hydrogel formulation.
This eliminates the complexities associated with coating
processes while enhancing its biocompatibility.

In addition to mechanical and biochemical cues, the
biomaterial can bring topographical cues that enhance
muscle regeneration through engineered 3D macroporos-
ity. The curvature of the EPH provides suitable cues to
enhance cell alignment upon fusion, suggesting that cells
can perceive pores morphologies. To the best of our knowl-
edge, this phenomenon has not been reported in the litera-
ture for non-aligned porosity such as our effervescently
generated porous structure.’>33 This is an interesting fea-
ture as a long-range organization of myoblasts is required
to create a muscle architecture globally aligned to provide
optimal muscle tissue functions. This phenomenon has
already been described when myotubes are cultured on pil-
lars, in which myotubes alignment exerted a passive ten-
sion, causing myotubes bundles to lift from the substrate.>*
In some instances, this passive tension also led to pillars
being drawn closer together. It was suggested that in the
pillars system, attachment points mimicked tendons
anchoring site within the musculoskeletal system. In the
3D DGL/PEG hydrogels, we observed the presence of
“crossing myotubes” in vitro, which potentially arise after
detachment from the support, as maturation progresses.
We correlated this phenomenon with improved myofi-
brillogenesis (Figures 3 and 4). Our findings may be attrib-
uted to the stiffness of 2/25 and 2/37mM DGL/PEG EPH
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(35%5.0 and 57.8*t3.5kPa in compression respec-
tively??), which is higher than the reported muscle tissue
stiffness but close to the tendon ECM (shear modulus
between 25 and 45kPa’). Therefore, the EPH stiffness
could mimic some tendon properties, providing specific
signals to myotubes to thus exert passive tension on the
support and enabling them to be lifted inside the porous
structure.

Highlighting its ease of application, the EPH can be
accurately injected into a created muscle defect, as dem-
onstrated in Supplemental Video 3. Consistent with the
effervescent-based system’s characteristics,”? a signifi-
cant volume expansion occurrs during injection, effec-
tively filling the defect. The effervescent-based volume
expansion ensures an intimate contact between the con-
tinuous porous structure and the defect edges, accommo-
dating a wide variety of complex shapes unlike other
injectable hydrogels such as cryogels,’’ granular hydro-
gels,? or anisotropic hydrogels.’® Ten seconds post-injec-
tion, hydrogel crosslinking provided porosity formation
and structural rigidity before wound suturing. The pres-
ence of MyoD-positive cells within the EPH, a key regu-
lator of myogenesis,” indicated the colonization of
pro-fusiogenic cells and the initiation of muscle cells dif-
ferentiation. Interestingly, these mononucleated cells,
prone to fuse.®®! are essentially present within the EPH
pores, 7 or even 14 days post-injury (Figure 6(a) and (d))
and lead to the formation of multinucleated cells, posi-
tives for MyHC, the motor protein of thick filaments*?
(Figure 6(d) and (e)). However, only myotubes with a lim-
ited number of myonuclei (between 10 and 20), were
observed in depth of the EPH (Figure 6(c), cropped areas
no. 1-5, orange arrows and Figure 6(¢), dashed highlight).
Since MyoD expression is downregulated in mature mus-
cle fibers,*>% these multinucleated cells lacking MyoD
staining can be considered as myotubes that have ended
the fusion phase. These myotubes indicate that myoblasts
were (a) able to colonize the EPH and (b) divide and fuse
to form these myotubes within the EPH. Despite these
observations, myotube fusion capacity appeared restricted
regarding myonuclei number and their uneven distribu-
tion hindered significant muscle regeneration in the
defect. To address this challenge, incorporating drug
delivery strategies could offer a promising avenue to
improve cell proliferation and thus enhance tissue regen-
eration.®* One approach involves the incorporation of
growth factors or cytokines known to promote muscle cell
proliferation and differentiation. For instance, factors
such as insulin-like growth factor (IGF), fibroblast growth
factor (FGF), and transforming growth factor-beta (TGF-
B) have demonstrated efficacy in stimulating myogenic
precursor cell proliferation and differentiation.®® By
encapsulating these molecules within the EPH scaffold,
we should provide sustained and localized delivery, opti-
mizing their bioavailability and enhancing their biological

effects on infiltrating cells. Furthermore, small molecule
compounds targeting specific signaling pathways involved
in muscle regeneration could be integrated into the EPH
scaffold. For instance, compounds activating the Wnt/[3-
catenin pathway have been shown to promote myogenic
differentiation and muscle regeneration.®

Another approach to enhance muscle cell colonization is
through the gradual degradation of the scaffold after
implantation. Studies have shown that controlled degrada-
tion is crucial to avoid inhibiting new tissue formation.>¢’
In our studies, when subcutaneously injected into mice, the
DGL/PEG hydrogel was actively degraded by macrophages
located at the periphery.?® The degradation correlated with
hydrogel stiffness: hydrogels of higher densities were less
degraded than those of lower densities and stiffness, allow-
ing partial control over the degradation rate. These findings
were confirmed with effervescent porous hydrogels, which,
upon direct sub-cutaneous injection, also experienced mac-
rophages-driven degradation.?? In this study, although the
EPH hydrogels injected in the muscle defect were colo-
nized by macrophages with evidence of phagocytosis, their
observed degradation was limited by their selected compo-
sition and the short implantation period. However, based on
our results and studies demonstrating that DGL can as well
be degraded by endogenous peptidases,®® the DGL/PEG
hydrogel is intended to acts as a temporary scaffold that
supports cell ECM production and gradually degrades to
make way for newly formed tissue.

Overall, extensive cellularization, vascularization and
tissue deposition observed within injected porous hydro-
gels align with previously published biocompatibility stud-
ies,?? further confirming the suitability of the injectable
structures to integrate into the natural healing processes.
The important presence of pro-regenerative (M2) type
macrophages suggests that porous hydrogels do not induce
an exacerbated and sustained inflammatory reaction, which
is the hallmark of pathological fibrosis and impaired mus-
cle regeneration.®®”" Instead, their presence allows the res-
olution phase of inflammation and muscle repair to proceed.
Previously, immune responses to biomaterials were related
to rejection’!; however, subsets of innate immune cells
have been identified as important mediators of scaffold
remodeling and can be targeted for immune-mediated tis-
sue regeneration.”> The contribution of the EPH in the
inflammatory response buffering to promote muscle regen-
eration needs to be further investigated.

As expected for acellular strategies,'>?*7>7* the pres-
ence of myofibers inside the pores highlights the capacity
of the EPH to sustain myoblasts adhesion, proliferation,
and thus colonization within EPH pores. Surprisingly, we
observed, outside of the EPH and close to the hydrogel
interface, the presence of muscle fibers which do not
exhibit centrally localized myonuclei and express hetero-
geneously MyoD regenerating marker (Figure 6(c)). Such
myofibers, positives for MyoD, are alike regenerating or
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newly formed myofibers, close to the interface between
the EPH and the remaining muscle tissue. These myofibers
suggests that the hydrogel itself favors either skeletal mus-
cle fibers anchoring or the attachment of partially injured
muscle fibers and thus contributes to localized muscle fib-
ers regeneration.

This interplay between hydrogel pores, newly formed
myofibers and preserved muscle fibers, results in a well-
organized muscle tissue, displaying elongated myofibers
emanating from the interface zone. Of note, this bundling
myofibers organization at the vicinity of the hydrogel was
not found in the empty defect control (Figure 6(f)). These
results highlight that our acellular strategy sustains the
attachment of the remaining injured tissue with the hydro-
gel and creates neo-regenerated/repaired area that promotes
the sealing of these two matrices. In the context of muscle
regeneration, the detailed contribution of the local forma-
tion of newly muscle fibers at the interface between remain-
ing muscle tissue and the EPH remains to be determined.

In this study, we demonstrated that DGL/PEG efferves-
cent porous hydrogels (EPH) serve as a suitable substrate
for the formation of contractile myotubes in vitro, a crucial
factor for efficient muscle recovery. Our EPH provides an
appropriate structural environment, as well as biochemical
and mechanical cues necessary for the proliferation and
differentiation of muscle cells. Leveraging their biocom-
patibility, injectability, porosity, and versatile mechanical
and swelling properties, we explored the potential of EPH
as a supportive structure for repairing and regenerating
muscle defects using rat models. While EPH effectively
filled defects and underwent rapid cellularization and vas-
cularization, our initial hypothesis that they would directly
support the formation of myotubes and myofibers within
their pores was not confirmed in vivo. Rather, our experi-
ments revealed that it acted as a guiding structure, contrib-
uting to the organized formation of muscle at its periphery.
One limitation of our study is the absence of functional
measurements, which could provide useful insights into
the balance between scar remodeling, myofiber regenera-
tion, and hydrogel degradation. Further studies should be
conducted to precisely characterize the functional out-
comes of the EPH on muscle regeneration after VML
injury. Although EPH remains a promising biomaterial for
addressing current challenges associated with muscle inju-
ries due to its injectability, further experiments are neces-
sary to gain a more comprehensive understanding of EPH’s
role within the inflammatory reaction and its impact on the
functionality of regenerated muscle, particularly in more
relevant VML models.
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